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 Freshwater fishes are in rapid decline and are one of the most at-risk vertebrate groups. 
Redside Dace (Clinsotomus elongatus) are in severe decline across much of their range, yet 
pockets of high abundance still exist; this, along with other factors, makes them an excellent 
species to study conservation biology questions. The comprehensive objective of this thesis was 
to test hypotheses that can contribute to two broad areas of research on sperm movement and 
organ morphology while also providing potentially useful information for Redside Dace 
conservation. Specifically, whether a temperature surge event affects Redside Dace sperm and 
how seasonal organ change indicates when Redside Dace are potentially susceptible to 
population decline. First, we experimentally tested whether an acute temperature surge event 
would negatively impact Redside Dace sperm movement. We found no evidence that either 
increased acclimation or activation temperature affected Redside Dace sperm movement. 
Second, we examined seasonal morphology changes in adult males, adult females, and juveniles 
as well as differences between these groups. We found significant seasonal changes to gonads, 
livers, guts, hearts, body condition, and red spot area in Redside Dace; as well as age and sex 
based morphological differences. Collectively, these results provide valuable information about 
sperm movement and seasonal organ change that is potentially useful in Redside Dace 
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Animal Population Decline and Extinction 
Trends in Animal Decline 
 Our planet is undoubtedly going through an extreme decline in fauna (Balmford et al., 
2003; Burkhead, 2012; Collen et al., 2012; Dirzo et al., 2014; Ricciardi & Rasmussen, 1999). 
Both vertebrates and invertebrates show similar patterns of decline where certain subgroups are 
more susceptible than others (Collen et al., 2012; Dirzo et al., 2014). For example, less mobile 
animals that live in freshwater like amphibians and freshwater molluscs are comparatively at far 
greater risk of extinction overall than flying animals like odonates, lepidopterans, and birds 
(Collen et al., 2012; Dirzo et al., 2014; Hoffmann et al., 2010; Ricciardi & Rasmussen, 1999). 
This trend of animals living in freshwater being at comparatively higher risk also applies to 
freshwater fishes despite a lack of knowledge about freshwater fish extinction and decline from 
areas of the world where their diversity is highest (Burkhead, 2012). Conservative estimates 
produce a ratio of 203 modern extinctions (1900-2012) to the background extinction rate, and 
this ratio is almost double all other vertebrate group (Burkhead, 2012). In North America, crude 
estimates from Ricciardi and Rasmussen (1999) project future extinction rates that are about five 
times greater for freshwater fauna compared to terrestrial fauna. Their calculations indicate that 
North American freshwater biodiversity could be one of the most at-risk groups in the world 
(Ricciardi & Rasmussen, 1999). In the 1900s alone, at least 123 North American freshwater 
animals went extinct from only the following groups: fishes, mollusks, crayfishes, and 
amphibians (Burkhead, 2012; Miller et al., 1989; Ricciardi & Rasmussen, 1999). Data from 
 2 
habitat-comparative studies on population decline support this idea that freshwater fauna are one 
of, if not the most at-risk group of animals on Earth (Balmford et al., 2003).  
North American Extinction of Freshwater Fishes 
 From 1900-2010 there is documented extinction of 39 species and 18 subspecies of 
freshwater fishes in North America (Miller et al., 1989; Burkhead, 2012). Of the 40 extinct fishes 
in Miller et al. (1989), 30 inhabited smaller bodies of water such as rivers, springs, ponds, creeks, 
or streams, and in almost all cases physical habitat alteration was a factor that contributed to 
extinction. This indicates that since 1900, fishes in smaller North American bodies of water that 
have habitat alteration appear to be the most susceptible to extinction. Indeed, extirpation 
patterns in Virginia support this (Angermeier, 1995). More recent research has identified that 
smaller body size correlates with higher risk of extinction for freshwater fishes due to increased 
sensitivity to habitat loss (Kopf et al., 2016; Olden et al., 2007). This observation is particularly 
relevant to this thesis because this thesis will test conservation guided ecology and physiology 
questions about a small-bodied species of fish in severe population decline due to habitat 
alteration that occupies small North American bodies of water. 
Human Intervention with Species at Risk 
Purpose Behind Conservation Practices 
 Humanity greatly benefits in various ways by preserving biodiversity (hereafter referring 
to biodiversity as the combination of species richness and functional abundance) and helping 
species at risk. Humans receive products and services from a diverse array of organisms such as 
food, medicine, aesthetic visual or auditory pleasure, materials for structures, oxygen, and all the 
unknown potentially beneficial things we have yet to discover (Newman et al., 2017). As 
populations of many organisms decline and extinction increases, there has been philosophical 
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debate behind whether organisms hold intrinsic value, and thus, we are morally obligated to 
preserve biodiversity, or if they possess instrumental value, and thus, the conservation approach 
that provides the most value to humans should be the focus in preserving biodiversity (Justus et 
al., 2009a; Justus et al., 2009b; Newman et al., 2017; Sagoff, 2009). Independent of these two 
frameworks, ecosystem stability/function (ability to return to equilibrium after a perturbation) is 
correlated with biodiversity because the stability of an ecosystem is dependent on the ability of 
the species within to be capable of differential responses to a perturbation (McCann, 2000; 
Newman et al., 2017). If the community within an ecosystem has a relevant number of species 
with high phenotypic plasticity (ability to change behaviour, morphology, and/or physiology 
with environmental change) or a relevant number of species with significant effect (keystone 
species), then it is possible that high ecosystem stability/function can occur with relatively low 
biodiversity (Newman et al., 2017). However, a meta-analysis from Cardinale et al. (2013) on 
research manipulating the species richness effect of terrestrial plants and aquatic algae on 
ecosystem functioning found that biodiversity increases temporal stability and production of 
biomass simultaneously, but these two outcomes of biodiversity are independent from each 
other. In other words, biodiversity is important for increasing ecosystem production and stability 
overall, but it does not necessarily maximize ecosystem functioning depending on the specific 
conservation goal we may have with the ecosystem we wish to manage (Cardinale et al. 2013). 
What we can take from all of this information overall is that all else being equal, humanity 
benefits from biodiversity because we receive products and services from functional/stable 
ecosystems independent of whether we put intrinsic or instrumental value on organisms 
(Cardinale et al., 2013; McCann, 2000; Newman et al., 2017). However, our conservation efforts 
need to be mindful of the facilitation (benefit to one with no harm to either) or complementarity 
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(niche differentiation – coexistence of competing organisms by using the environment in 
different ways) occurring within the community of a given ecosystem (Cardinale et al., 2013; 
Newman et al., 2017).  
Conservation Successes and Blind Spots in Vertebrates 
 Although vertebrate extinctions and population declines continue, conservation is clearly 
having a positive impact on many species (Hoffmann et al., 2010; Rodrigues, 2006; Sodhi et al., 
2011). Conservation is quantifiably helping reduce population decline of tetrapods, with birds 
and mammals being the best beneficiaries (Godet & Devictor, 2018; Hoffmann et al., 2010; 
Rodrigues, 2006). Iconic species-specific conservation examples such as the Bald Eagle 
(Haliaeetus leucocephalus), Golden Lion Tamarin (Leontopithecus rosalia), Arabian Oryx (Oryx 
leucoryx), and Pacific Gray Whale (Eschrichtius robustus) demonstrate the effectiveness of 
banning harmful chemicals, reintroducing animals from captive breeding and ceasing targeted 
hunting for prolonged periods (Reviewed by Sodhi et al., 2011). However, mammals and birds 
are disproportionately published among conservation journals (Godet & Devictor, 2018), leading 
to greater conservation status improvements and extinction prevention in these groups from 
species-focused conservation attention and funding (Hoffmann et al., 2010; Sodhi et al., 2011). 
Conservation success is occurring in non-mammal/bird vertebrates, such as the global success 
seen in sea turtle conservation (Mazaris et al., 2017), but amphibians, reptiles, and fishes are 
comparatively neglected among the literature (Godet & Devictor, 2018). This is surprising 
considering the evidence that amphibian populations are in comparatively worse population 
decline than other vertebrates (Dirzo et al., 2014; Hoffmann et al., 2010). Furthermore, the 
diversity of fishes is approximately the same as that of all other vertebrates combined and there 
is evidence supporting an exponentially faster extinction rate in freshwater fishes compared to 
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other vertebrates (Burkhead, 2012). These blind spots are derived from biases among high-
income countries spending the majority of the world’s total conservation funds on domestic 
conservation efforts (Johnson et al., 2017). Meanwhile, majority of the world’s diversity loss is 
occurring in tropical regions (Dirzo et al., 2014; Hoffmann et al., 2010), these countries often 
lack information on population decline and extinction (Burkhead, 2012), and these countries rely 
on international conservation aid from wealthy countries (Johnson et al., 2017). Overall, the 
literature indicates several conservation aspects that my thesis will attempt to help address: 1) 
freshwater fishes are one of the most at-risk vertebrate groups in the world, 2) there is a general 
lack of conservation-minded research on fishes, 3) fish-specific funding from wealthy countries 
is necessary if we are to build taxon specific models of conservation success for less wealthy 
tropical countries to implement on their native taxa that is either taxonomically closely related or 
declining due to analogous factors. More specifically, I will help to address these issues by 
testing hypotheses in the fields of sperm movement and seasonal organ investment in an at-risk 
freshwater fish species. Sperm movement in fishes is often affected by water temperature 
(Fenkes et al., 2017; Lahnsteiner & Monsour 2012; Vladic & Jarvi, 1997) and could potentially 
cause decline in a fish species via warm water inflows that have been linked to runoff from urban 
environments (Hester & Bauman, 2013; Nelson & Palmer, 2007). Seasonal organ investment can 
provide information on potential trade-offs, starvation periods, and relative seasonal 
susceptibility to population decline. 
Study System: Redside Dace 
 This thesis will test hypotheses and predictions on Redside Dace (Clinostomus 
elongatus), a small cool water stream cyprinid native to Northeastern North America that is in 
severe decline in several parts of its range (COSEWIC, 2007; Redside Dace Recovery Team, 
 6 
2010; Turko et al., 2020). Redside Dace can live to the age of four, with maturity often occurring 
at age two (Dieterman et al., 2018; Redside Dace Recovery Team, 2010); however, uncommon 
one-year-old mature fish have been observed in the Minnesota subpopulation (Dieterman et al., 
2018). Adult Redside Dace (hereafter referring to age 2+) range from 48-82 mm in standard 
length, and weigh 1.9-8.5g, with sexually mature fish weighing 3.0-8.5g (Beausoleil et al., 2012; 
Dieterman et al., 2018; McKee & Parker, 1982). Same-age females are generally larger than 
males (Koster, 1939; McKee & Parker, 1982). Redside Dace spend the majority of the year in 
pools where they form heterospecific shoals with other sympatric fish species, only spending 
prolonged periods in riffles during the spawning season (Koster, 1939; McKee & Parker, 1982; 
Redside Dace Recovery Team, 2010; Turko et al., 2020). Spawning occurs from mid-May to 
early-June, where Redside Dace have a parasitism/commensalism interspecific interaction by 
spawning via external fertilization in the nests made by male Creek Chub (Semotilus 
atromaculatus) or Common Shiner (Luxilus cornutus) for the egg guarding behavioural benefits 
males from these species perform (Beausoleil et al., 2012; COSEWIC, 2007; Koster 1939). 
Females often spawn with multiple males, and vice versa (Beausoleil et al., 2012; Koster 1939), 
forming a polygynandrous system of mating that likely has sperm competition among males with 
previous research indicating that sperm velocity is correlated with sperm competition success in 
vitro (Beausoleil et al., 2012). Spawning temperature appears to vary depending on the region 
and local ecology (flow rate, water temperature, sediment, interspecies behaviour, etc.) with 
spawning temperatures reported to be between 10.8-15.2ºC in Minnesota (Dieterman et al., 
2018), ~12ºC in Ohio (Beausoleil et al., 2012), 18ºC in New York (Koster 1939), and pre-
spawning temperatures from 16-19ºC in Ontario (McKee & Parker, 1982). It is thought that 18ºC 
is the preferred spawning temperature (Redside Dace Recovery Team, 2010 citing “Becker, 
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1983”). Although the red spot is present in adults year-round, during the spawning season both 
sexes express more carotenoid-based red colouration, with males expressing brighter, more 
saturated, and relatively larger red spots compared to females (Beausoleil et al., 2012). Redside 
Dace diet includes nematodes, and a variety of adult and larval arthropod species, many of which 
are captured aerially (Davidson, 2011; McKee & Parker, 1982; Redside Dace Recovery Team, 
2010).  
 Redside Dace were listed as endangered in Canada in 2007 by the committee on the 
status of endangered wildlife in Canada (COSEWIC, 2007). There are 26 historical Canadian 
populations with 15 of those 26 populations experiencing decline since records have been kept, 
and of those 15, five are confirmed as extirpated and five are thought to be extirpated 
(COSEWIC, 2007; Poos et al., 2011). Redside Dace decline in Ontario has been primarily 
attributed to urban development, with a certain secondary threat of agricultural activities, and 
another probable threat being introductions of competitors or predatory fishes (Redside Dace 
Recovery Team, 2010). Likely causal mechanisms of decline from urbanization are listed by the 
Redside Dace Recovery Team (2010) as: imperviousness of the watershed, channelization of 
streams, loss of natural heritage features like wetlands and groundwater discharge area, 
unsatisfactory stormwater management, increases in water temperature, and changes in a 
watershed’s hydrography. The remaining Canadian populations are approximately 10 percent of 
the global Redside Dace distribution (Redside Dace Recovery Team, 2010). As of 2010 in the 
United States of America, the Redside Dace was presumed extirpated from Iowa and Maryland, 
critically imperiled in Indiana, Michigan and West Virginia, vulnerable in Kentucky, New York, 
and Wisconsin, apparently secure in Pennsylvania, and was unassessed in Ohio and Minnesota 
(Redside Dace Recovery Team, 2010).  More recent reports indicate that Redside Dace are 
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secure in Ohio and Kentucky (Serrao et al., 2018) and the Minnesota population appears viable 
for at least the next couple decades (Dieterman et al., 2018). The variation in population status of 
Redside Dace makes them an excellent species to study conservation biology because 
researchers can test hypotheses related to decline or gain useful basic knowledge about the 
species in general using populations that have high local abundance in parts of their range, such 
as Ohio, and use results and inferences from research to apply conservation practices toward 
other populations experiencing severe decline, such as Ontario. Indeed, the first part of this 
approach is exactly what this thesis attempted to implement. It also helps that small-bodied 
fishes in general are very easy to capture and are increasingly used as indicators for various 
environmental conditions (Barrett et al., 2015; Galloway & Munkittrick, 2006). Furthermore, 
three haplotype groups have been found in Redside Dace (Serrao et al., 2018), allowing 
researchers to test genetic-based questions related to conservation. It is important to establish 
successful conservation practices on a freshwater fish species to use as a model that can be 
implemented on similar taxa, as has been done in birds, mammals, and sea turtles (Hoffmann et 
al., 2010; Mazaris et al., 2017; Rodrigues, 2006; Sodhi et al., 2011), in order to make a legitimate 
conservation impact on at-risk freshwater fishes. I believe the Redside Dace presents an excellent 
opportunity to create a conservation model for freshwater fishes because the federal government 
of Canada has initiated funding and support in the form of the Canada Nature Fund for Aquatic 
Species at Risk, there is provincial support from the Ontario Ministry of Natural Resources 
(Redside Dace Recovery Team, 2010), along with the other reasons previously mentioned about 
their potential use in environmental assessment (Barrett et al., 2015; Galloway & Munkittrick, 
2006), their ease of capture, and local abundances in several parts of their distribution. Indeed, 
their ease of capture and local abundance in several parts of their distribution also make Redside 
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Dace an excellent species to test questions related to sperm movement and seasonal organ 
investment.  
Thesis Overview  
Experimental Effects of Water Temperature on Sperm 
 Acute water temperature surges caused by urbanization changes to the environment have 
been observed in watersheds surrounding urban areas (Hester & Bauman, 2013; Nelson & 
Palmer, 2007). Acute temperature change has demonstrable effects on sperm quality in a variety 
of animal species (Walsh et al., 2019), with negative effects of activation temperature on sperm 
movement traits observed in multiple teleost fish species (Fenkes et al., 2017; Lahnsteiner & 
Monsour 2012; Vladic & Jarvi, 1997). The objective of this research study was to experimentally 
test whether an acute temperature surge event would alter Redside Dace sperm movement. The 
overall purpose was to investigate whether there was any possibility of this contributing to the 
decline of Redside Dace across parts of their range, and to provide sperm movement information 
on Redside Dace for a captive-breeding program if conservation research on Redside Dace takes 
this path in the future as it has been utilized in several vertebrate species in decline (Sodhi et al., 
2011). I used 64 Redside Dace captured during a one-week span to test how an acute temperature 
increase affected the velocity (µm/s), percent motility, and linearity of sperm at two different 
time points after sperm activation using a factorial experimental design with three different 
acclimation temperatures and three different activation temperatures.  
Seasonal Morphology Change 
 Wild animals inevitably have to differentially allocate energy toward growth, storage, 
maintenance, and reproduction causing trade-offs in organ sizes of the gonad, liver, gut, heart, 
and carcass that represent measures for these four subsystems (Naya et al., 2010; Perrin & Sibly, 
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1993; Piersma & Lindström, 1997; Zera & Harshman, 2001). These trade-offs are likely 
exacerbated in seasonal environments where one or more season is particularly difficult to 
survive (Naya et al., 2010) and may be a helpful indicator of when and how an animal of 
concern, such as the Redside Dace, is most susceptible to population decline. The objective of 
this study was to examine how gonad, liver, gut, heart, carcass, body condition, and red spot area 
change from season to season and how this differs by age and sex in Redside Dace. The overall 
purpose was to use this seasonal morphology information to assess when Redside Dace are most 
susceptible to decline. We used 163 Redside Dace nearly evenly split among juveniles, adult 
males, and adult females sampled once during the midpoint of each season to test seasonal 
changes to their organ size, body condition, and red spot area.  
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CHAPTER 2 
EXPERIMENTAL EFFECTS OF WATER TEMPERATURE ON WILD REDSIDE DACE 





Acute water temperature surges caused by urbanization changes to the environment have 
been observed in watersheds surrounding urban areas. Acute temperature change has demonstrable 
effects on sperm movement traits in multiple teleost fish species. The objective of this research 
study was to experimentally test whether an acute temperature surge event would alter Redside 
Dace sperm movement. The overall purpose was to investigate whether there was any possibility 
of this contributing to the decline of Redside Dace in urban parts of their range. We found no 
support for our hypothesis that activation and acclimation water temperature are linked to Redside 
Dace sperm velocity using 64 wild Redside Dace. This indicates that sperm movement appears 
resilient to both acclimation and activation temperature effects in a broad temperature range. We 
also found evidence for rapid daily sperm movement changes leading up to the spawning season. 
Further research aimed at understanding how and which environmental mechanisms cause 
temporal fluctuations in gamete quality is vital if we are to further our understanding of 




 Common urban stressors, such as impervious surface cover, nutrient concentrations, and 
altered sedimentation, are known to influence fish assemblages (Sulliván et al., 2021). These 
stressors could potentially also have an impact on the population size of an individual species if 
they were to affect reproductive success. In this research study I will focus on the impervious 
surface cover stressor and how this alters temperature of nearby streams. Urbanized locations with 
large areas of paved surfaces, such as buildings, parking lots and roads, shift the surrounding 
microclimate to warmer temperatures, known as the urban heat island (UHI) effect (Brans et al., 
2018; Oke, 1973; Rizwan et al., 2008). There is evidence suggesting that the UHI effect warms 
surrounding watersheds due to warm storm water inflows that were heated on artificial surfaces 
(Brans et al., 2018; Herb et al., 2008; Hester & Bauman, 2013; Lieb & Carline, 2000; Nelson & 
Palmer, 2007). Storm water runoff can have extreme acute effects on tributary temperatures 
(Hester & Bauman, 2013; Nelson & Palmer, 2007). For example, a study in Virginia found that 
stream water increased up to 8.1ºC, over a three-hour surge, at the site of drain water runoff (Hester 
& Bauman, 2013). Warm-water surges can vary greatly in their temperature increase and duration; 
as examples, one surge in Washington showed a temperature surge of 6.0ºC in just 48 minutes, 
while a nearby and similar stream had a much longer surge of 7.4ºC over the span of 384 minutes 
(6.4 hours; Nelson & Palmer, 2007). This UHI-caused warm water runoff combined with other 
anthropogenic stressors such as destruction of riparian vegetation, deforestation, increased 
siltation, and climate change can cause extreme chronic and acute temperature changes in 
freshwater tributaries (Nelson & Palmer, 2007). Both acute and chronic warming from the 
synergistic effects of these anthropogenic stressors likely alter the ecology of watersheds near or 
in urbanized areas, altering the species richness and evenness in an environment and potentially 
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leading to extreme population decline, or extirpation (Hester & Bauman, 2013; Nelson & Palmer, 
2007).  
 Animal reproductive success has shown to be negatively impacted by warmer temperatures 
through an alteration in courtship/mating behaviour, or gamete number, viability, form, and/or 
function (reviewed by Walsh et al., 2019). These changes appear to be species dependent, where 
in some cases temperature increase may be beneficial, while in others it is not. Ectothermic animals 
may be especially susceptible because the ambient temperature regulates their physiological 
processes. For example, the Iberian emerald lizard (Lacerta schreiberi) has lower hatching 
success, shorter offspring body length, and slower offspring growth rate when incubation 
temperatures are higher (Monasterio et al., 2013). Several insect species have reduced sperm 
quality or alter their courtship/mating behaviour at high temperatures; the Drosophilidae family is 
one particularly well studied example of this (reviewed by Walsh et al., 2019). Experimental heat 
waves severely affect male direct reproductive success in the red flour beetle (Tribolium 
castaneum) by altering form and function of male sperm and there also appears to be 
transgenerational effects on the reproductive success of offspring from parents that went through 
a heat wave (Sales et al., 2018).  
 A growing body of literature has accumulated evidence for sperm quality changes in teleost 
fishes with an increase in ambient temperature. In external fertilizing teleost fishes, gametes are 
affected by water temperature both directly (after release into the surrounding medium) and 
indirectly (when produced in the gonads), allowing rearing, acclimation, and activation water 
temperatures to affect sperm shape or movement characteristics (Fenkes et al., 2017). For example, 
Trinidadian Guppies (Poecilia reticulata) have shorter and slower sperm when rearing 
temperatures are higher than normal (Breckels & Neff, 2013). Most research with a focus on the 
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effect of water temperature on fish sperm has tested the effect of activation temperature on sperm 
quality in teleost fish. Table 2.1 summarizes the current literature on the effect of warmer 
activation water temperature on sperm movement traits in general for teleost fish. Several research 
studies have demonstrated that relative sperm velocity (i.e. how fast one individual’s sperm move 
on average relative to a competing male’s sperm) is the primary determinant of a male’s 
competitive fertilization success for external fertilizing fishes (Beausoleil et al. 2012; Gage et al., 
2004; Liljedal et al., 2008; Rudolfsen et al., 2008; Simmons & Fitzpatrick, 2012). The fertilization 
process in fishes is dependent on the sperm’s ability to find not only the egg itself, but specifically 
the micropyle (a narrow opening in the egg chorion) position, where the sperm must enter the egg 
(Kholodnyy et al., 2019). Freshwater fish sperm appear to rely on thigmotatic behaviour (ability 
to follow a surface) to find the micropyle rather than chemical guidance cues that have been found 
in marine invertebrates and some marine fishes; also, ovarian fluid likely also plays an important 
role in a sperm’s ability to fertilize the egg (reviewed by Kholodnyy et al., 2019). Precise sperm 
mechanisms that are linked to fertilization success in freshwater fishes remains unknown 
(Kholodnyy et al., 2019). However, walleye (Sander vitreus) as well as several mammals and sea 
urchins demonstrate a positive relationship between fertilization success and sperm velocity under 
non-competitive artificial insemination (Reviewed by Simmons & Fitzpatrick, 2012). Similar 
results have been found in whitefish (Coregonus lavaretus L.), where a combination of velocity 
and percentage of motile sperm predict fertilization success for highly ornamented males 
(Kekäläinen et al., 2015). Thus, if water temperature changes were to decrease sperm velocity, 
then this could potentially affect population dynamics of Redside Dace if overall fertilization 
success is reduced. For these reasons, my hypothesis below will focus on sperm velocity. 
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This presents two gaps in the literature specifically testing thermal effects on sperm quality 
in teleost fishes. The first is whether acclimation temperature affects sperm movement in external 
fertilizing teleost fish species. Studies that have tested the effect of acclimation temperature on 
sperm movement have found that “cold”-acclimated males had significantly faster (Fenkes et al., 
2017) and higher percentage of motile sperm (Williot et al., 2000) than sperm from “warm”-
acclimated males at some point in the spawning season. Whilst another study found no effect of a 
15-hour in vitro sperm acclimation temperature difference to velocity, percentage of motile sperm, 
or linearity, but found transgenerational effects from the in vitro sperm acclimation difference 
where offspring from colder sperm were larger (length and mass) and had better swimming 
performance (Kekäläinen et al., 2018). The second literature gap is that most research on this topic 
has utilized captive-reared fishes, creating a need to compare this research with that  of research 
utilizing wild fishes. There is the potential that captive-reared fish do not accurately represent what 
is occurring in wild populations as some studies have shown wild vs captive-reared differences in 
female measures of reproduction for different types of external fertilizers (Czesny & Dabrowski, 
1998; Emerenciano et al., 2012; Wen et al., 2015).  
 Redside Dace (Clinostomus elongatus) are an excellent species to study how temperature 
will affect sperm movement because they are easy to capture and abundant in parts of their range, 
yet in severe decline in Canada and several states in the U.S.A. (COSEWIC, 2007; Redside Dace 
Recovery Team, 2010). This broadly allows researchers to test hypotheses linked to regional 
decline because we can compare environmental differences between regions of successful Redside 
Dace populations and those of declining populations (although local temperatures, flow rate, 
sediment, and interspecies interaction play an important role). However, this research chapter will 
focus only on testing the effect an urban-caused temperature surge event may have on Redside 
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Dace as just one topic of many that researchers could test that would be linked to regional 
differences. The majority of historical Redside Dace populations in Canada resided in tributaries 
of rivers flowing into Lake Ontario that are now urbanized parts of the Greater Toronto Area. 
Redside Dace are generally thought to have declined from this area due to urbanization 
(COSEWIC, 2007; Redside Dace Recovery Team, 2010). One potential outcome of urbanization 
that may affect nearby streams is increased storm water runoff temperatures causing stressful 
temperature surges that are less often experienced or less extreme in more pristine populations. 
These temperature surges could occur during the spawning season and could cause severe 
population declines if aspects of sperm movement are altered. 
 Redside Dace are external-fertilizers that spawn from mid-May to early-June in the nests 
made by male Creek Chub (Semotilus atromaculatus) or Common Shiner (Luxilus cornutus) for 
the egg guarding behavioural benefits males from these species perform (Beausoleil et al., 2012; 
COSEWIC, 2007; Koster 1939). Spawning temperature may vary anywhere from 10.2-19ºC 
depending on local ecological conditions or adaptations but is generally thought to be ~18ºC 
(Dieterman et al., 2018; McKee & Parker, 1982; Redside Dace Recovery Team, 2010). Redside 
Dace are polygynandrous (Beausoleil et al., 2012; Koster, 1939) making sperm competition a 
factor that may affect reproductive success. Furthermore, sperm velocity has previously been 
shown to correlate with sperm competition success in Redside Dace (Beausoleil et al., 2012). As 
the spawning season approaches, the namesake carotenoid red spot becomes larger and more 
intensely coloured in both sexes, with males having a relatively larger red spot that is brighter and 
more saturated compared to females (Beausoleil et al., 2012). Previous research indicates that male 
relative red spot area is correlated to aspects of sperm velocity, specifically path and straight-line 
velocity, but not point-to-point velocity (Beausoleil et al., 2012). This could potentially be an 
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indicator that relative red spot area predicts sperm velocity, which would be important to 
understand because sperm velocity is correlated to sperm competition success. Sperm velocity 
could also be correlated with fertilization success as is the case in Walleye and highly ornamented 
Whitefish (Casselman et al., 2006; Kekäläinen et al., 2015). Therefore, if red spot area were 
correlated with sperm velocity this could potentially provide useful information on selecting the 
best males to use in a captive breeding program if this conservation strategy was chosen.  
 The objective of this research chapter is to determine if a temperature surge (such as those 
caused by a storm water runoff event), would alter the movement traits (velocity, percent motility, 
and directionality) of Redside Dace sperm. We hypothesized that activation and acclimation water 
temperature are linked to Redside Dace sperm velocity. We predicted that as activation 
temperature increased, sperm velocity would decrease overall for all acclimation temperature 
treatment groups. We also predicted that as acclimation temperature increased, the relative 
detrimental effects of higher activation temperature should decrease (i.e. there will not be 
compounding synergistic effects of higher acclimation and activation temperatures together). 
Another prediction is that sperm velocity will be highest at the same activation temperature as the 
temperature each treatment group is acclimated to (this would be indicative of a very fast plastic 
physiological response). This research chapter also looks to build from previous findings that the 
proportional red area (the size of the red area compared to the total body area) of Redside Dace is 
significantly correlated with aspects of sperm velocity (Beausoleil et al. 2012). For this reason, I 
also predicted that males with larger relative red colouration areas would have faster sperm 




A total of 64 wild male Redside Dace were captured from Armstrong Run, Clinton 
Township of Knox County, Ohio (40.409510, -82.517646) via standard sein net technique 
(standard length mean = 7.21cm [range: 6.61-7.71]; mean mass = 3.75g [range: 2.88-5.06]). All 
specimens were captured from May 11th to May 16th of 2019 where water temperature during 
morning capture ranged from 11.8 – 13.7 ºC. Each day we carried 2-17 (mean of 11) Redside 
Dace in a five-gallon bucket with water from the creek for up to 10 minutes where we transferred 
them to a large live-well cooler with re-circulating water from Armstrong Run. This live-well 
was in the back of a truck that we transported to a lab facility approximately 13 km away (15-20 
minutes), where the experimental procedure was performed.   
Experimental Treatment Procedure 
 There was an in creek “control” group that had sperm taken from Redside Dace 
immediately after they were seined from Armstrong run. The purpose of this was to assess 
whether our experimental treatments of holding Redside Dace in a bucket had a stressful or 
intrasexual (male-only) cue effect that altered sperm quality. Transportation stress is known to 
affect fishes (Carneiro & Urbanati, 2001; Carneiro & Urbanati, 2002; Mirghaed & Ghelichpour, 
2019; Tacchi et al., 2015). The transportation process from Armstrong Run to the lab along with 
confining them to a bucket for three hours (explained below) is very likely to cause some level 
stress. Alternatively, male Redside Dace live alongside female Redside Dace year-round except 
when guarding and battling each other for spawning position just prior to the spawning season 
(Beausoleil et al., 2012; Koster, 1939). If the transportation and treatment procedure were to 
produce an effect on sperm quality, then it would be an important confounding variable to 
consider when interpreting the results. This was the purpose behind the in creek “control” group. 
The following procedure was performed on each Redside Dace from the in creek “control” group 
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immediately after capture while in the creek: we tested to see if the individual was male by 
gently applying pressure to the midsection in order to see if semen or eggs came out of the 
cloaca, upon confirmation we dried its cloaca with a Kimwipe®, we massaged its mid-section to 
push out semen while sucking the semen up with a plastic transfer pipette (Beausoleil et al., 
2012), we transferred this semen to a 1 mL Eppendorf tube that was uniquely labeled and placed 
it on a plastic test tube rack on top of ice inside of a cooler, a very small piece of one fin was 
then clipped and noted for identification purposes, then the fish was placed in a bucket with more 
than 10 L of water from Armstrong Run. The treatment fish were then captured within a 
maximum span of 15 minutes, sexed, and kept in a separate bucket from the designated in creek 
“control” group fish.  
At the laboratory there were three treatment buckets, each filled with 10 litres of water 
from Armstrong Run, in a room held at approximately 22ºC +/- 1ºC. Two to six fish were placed 
in a treatment bucket depending on the Redside Dace captured on a given day. We chose the 
temperatures and time-period in these treatment buckets based on the most extreme outcome 
measured in Hester & Bauman 2013; this study measured a rainfall event that led to runoff 
increasing a stream 8.1ºC, over a three-hour surge. The “warm” treatment bucket had two 10W 
aquarium heaters and heated to the intended treatment temperature of 24ºC (+/- 0.2ºC), the 
“medium” and “cold” treatment buckets each had one 10W aquarium heater and heated to the 
intended treatment temperatures of 20ºC (+/- 0.2ºC) and 16ºC (+/- 0.4ºC) respectively. We 
monitored each bucket continuously over the 3-hour temperature increase using a YSI 
temperature probe to ensure it was gradually warming through room temperature conduction, 
heater calefaction, or a combination of the two over the course of a three-hour period. The cold 
treatment bucket always heated through room temperature conduction alone, making the 
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presence of the aquarium heater only necessary to provide consistency between treatments. 
During two of the experimental procedure days (May 11 and 13), the cold treatment bucket 
warmed too quickly; in this case, we placed a plastic bag with two large ice cubes inside, on top 
of the water to slow down the rate of warming down. We turned on or off the aquarium heaters 
in the medium and warm treatment buckets to ensure they warmed at a rate that allowed them to 
hit the intended temperatures at approximately three hours from the start time (medium ~2.5 
ºC/hour, warm ~3.75 ºC/hour).  
 After three hours of temperature increase to the intended treatment temperature, all fish 
from one of the three treatment buckets were placed in a separate anaesthetic bucket with five 
litres of water from Armstrong Run and 8 drops (~0.4 mL) of clove oil. This was pre-determined 
to be an anaesthetic dose that allowed 100% recovery when Redside Dace were held out of water 
for 5-10 minutes while anaesthetized and took 7-15 minutes to recover in water afterward. Once 
all signs of movement were gone, a single Redside Dace was removed at a time and the 
following procedure was performed in order on each Redside Dace: we dried its cloaca with a 
Kimwipe®, we massaged its mid-section to push out semen while sucking the semen up with a 
plastic transfer pipette (Beasuoleil et al., 2012), we transferred this semen to a 1 mL Eppendorf 
tube that was uniquely labeled and placed it on a plastic test tube rack on top of crushed ice 
inside of a cooler, we dried each side of the fish with a Kimwipe® and collected three reflectance 
spectrometry data-points for each side (data omitted from this chapter), took a photo of each side 
of the individual on a ruler, weighed it, then placed it in a bucket with approximately five litres 
of water from Armstrong Run for recovery. If a fish did recover, it was placed in a 40-gallon fish 
tank. We had 19 of 64 fish recover, making the recovery rate approximately 30%. This recovery 
rate was disappointing and not acceptable for future analogous studies. It was likely much lower 
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than the initial pilot anaesthetic test due to either the overall amount of time Redside Dace spent 
out of the water, the stress from sperm extraction, or a combination of both. The recovery rate 
could potentially be increased in the future by placing the fish in water with clove oil part way 
through collecting the sperm, morphology, or spectrometry data. Alternatively, future research 
could utilize a different anaesthetic than clove oil and/or not collect spectrometry data. 
Sperm Activation and Filming 
We used a setup where a microscope (CX41 Olympus, Melville, NY, USA) equipped 
with a 10x negative-phase objective, had a CCD B/W video camera module (XC-ST50, Sony, 
Japan) mounted that relayed video to a digital versatile disc (DVD) player and monitor at 50Hz 
vertical frequency to record all sperm movement onto DVDs (Beausoleil et al., 2012; Lewis & 
Pitcher, 2017; Pitcher et al., 2009; Watt, 2019). We dipped a micropipette tip into the Redside 
Dace semen, then lightly dabbed the semen on an 80-micron 2X-CEL microscope slide 
(Hamilton Thorne Biosciences, Beverley, MA, USA) covered with a glass slip (22 x 22mm) 
(Lewis & Pitcher, 2017; Pitcher et al., 2009; Watt, 2019). The sperm were then activated three 
seconds later with 10µL of water (Beausoleil et al., 2012) from Armstrong Run heated to 16ºC, 
20ºC, or 24ºC (all ± 0.5ºC), using a micropipette. Activation water was also heated via a 10W 
aquarium heater; we continuously monitored all three water containers using a YSI temperature 
probe. We started recording the video of sperm movement simultaneously as the water was 
pipetted onto the slide. We quickly moved the stage along its horizontal plane attempting to find 
a spot on the microscope slide where there appeared to be less than 100 sperm, then adjusted fine 
focus so that the video was clear on the monitor. Each fish had a portion of its sperm activated at 
all three activation temperatures (16, 20, and 24 ºC) in haphazard order. We attempted to get two 
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clear videos with what appeared to be less than 100 sperm in a video for each activation for each 
fish (6 quality videos per fish).  
Computer Assisted Semen Analysis 
 We used the HTM-CEROS sperm tracking package (CEROS version 12, Hamilton 
Thorne Biosciences, Beverley, MA, USA; Beausoleil et al., 2012; Pitcher et al., 2009; Lewis & 
Pitcher, 2017) with the following parameters: frames = 60 (Beausoleil et al., 2012), minimum 
contrast = 7, minimum cell size = 8 (Beausoleil et al., 2012). We needed to reduce the minimum 
cell size used in Beausoleil et al. (2012) from 11 to 7 because the system was having a hard time 
reading all sperm on the slide at a contrast of 11. With a sub-sample of ten videos, we confirmed 
via hand-counting on frame 1 and 60 (first and last), that indeed all sperm in the videos were 
accurately being tracked. We collected the following sperm measures: curvilinear velocity (VCL; 
the velocity throughout the full track that the sperm cell follows measured at each point in its 
path), percentage of motile sperm, and linearity (straight-line velocity divided by the curvilinear 
velocity multiplied by 100). Each of these measures were collected at both five and nine seconds 
after water activated sperm for each video. Measuring sperm motility as quickly as possible after 
activation is very important because external fertilizing species likely have fertilization within 
the first few seconds (Hoysak & Liley, 2001; Liley et al., 2002; Pitcher et al., 2009; Yeates et al., 
2007). However, it is common practice to wait at least 10 seconds after activation to ensure 
sample drift within the slide well has ceased completely (Dadras et al., 2017; Fenkes et al., 2017; 
Fenkes et al. 2019; Gage et al., 2004; Kekäläinen et al., 2018; Lahnsteiner, 2012; Williot et al., 
2000). Indeed, many of our videos showed sperm drift within the slide-well up to seven seconds 
after activation; all videos that showed drift within the well up to four seconds after activation 
were not included in the five second dataset. The purpose of collecting these measures at two 
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different time points was to compare results from a larger sample similar to previous research (at 
nine seconds, N=45 fish; Table 2.1) with a smaller but more ecologically relevant sample (five 
seconds, N=20 fish; Table 2.1) and to compare with previous Redside Dace sperm motility 
research (Beausoleil et al., 2012; Pitcher et al., 2009). Any video that showed sperm only being 
tracked for a portion of the one-second time frame used in the programming were examined 
more closely. Data from videos were only included in the datasets if they contained less than 300 
total sperm data that were tracked for at least 33% of the video on average (minimum of 0.33 
seconds of a 1 second video). Sample sizes for data that met these criteria is listed by day and 
acclimation treatment for each dataset are in Table 2.1. All subsequent Tables list the nine 
second dataset before the five second dataset because the sample size is larger, making the 
results from this dataset likely more reliable. 
Phenotypic Measures 
 Red spot area, area of the side of the fish, and standard length were measured using 
ImageJ software by standardizing with a ruler in each photo (https://imagej.nih.gov/ij/; Figure 
2.1). For all three of these measures the average from the two sides of each fish was used. Any 
shade of red was included in the red area total, with any black/grey colouration not included in 
the total area even if it was inside the red spot (Figure 2.1). Standard length was measured from 
the most anterior part of the pre-maxilla to the most posterior part of the caudal peduncle in a 
straight line (Figure 2.1). Side of the fish was measured from behind the opercle to the most 
posterior part of the caudal peduncle (Figure 2.3). Body condition was determined using Fulton’s 
condition factor formula (K=100*mass/length3). 
Statistical Analyses 
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 We tested each sperm variable to determine if their data were normally distributed; both 
percentage of motile sperm and linearity were determined to be non-parametric via both Shapiro-
Wilk and Kolmogorov-Smirnov p-values less than 0.05 for both datasets. These variables were 
transformed using the inverse DF normal function that alters data to fit a normal distribution 
using the fractional rank values of that variable with its mean and standard deviation (SPSS - 
IBM® statistics). Thus, results for percentage of motile sperm and linearity should be interpreted 
as a modified representation of the data rather than a true representation. All variables were 
tested for outliers. Outliers that were from 1.5-3.0 times the interquartile range were kept in the 
dataset, while outliers greater than 3.0 times the interquartile range were removed because they 
did not seem representative of the population based on how different they were from the group. 
One linearity datapoint in the five second dataset was the only outlier removed. Including this 
outlier causes the P-value to be less than the alpha of 0.05 in the test for an acclimation effect 
and also lowers the P-value in the test for a date effect but within-subject effects do not change 
from statistically non-significant to significant. Repeated measures analysis of variance 
(ANOVA) tests were performed, where activation temperature was a within-subjects effect for 
all repeated measures ANOVAs because each male Redside Dace had a portion of their sperm 
activated at the three experimental temperatures. Between-subject effects for repeated measures 
ANOVAs tested the difference between in-creek “control” group and treatment groups 
combined, difference between acclimation treatments, and the differences between date captured 
(explained in the Pre-hypothesis Test Results section), as well as any interactions between these. 
Post-hoc analyses for all ANOVAs were Tukey tests. Tests of effect size (post-hoc observed 
estimated effect) were all performed wherever applicable. Alpha values were set to the common 
level of 0.05 in all statistical tests (5% probability a true null hypothesis was rejected). A total of 
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seven repeated measures ANOVAs were performed on each of the nine and five dataset samples 
where only the treatment data was included. A Bonferroni correction would reduce the alpha 
value of 0.05 (divided by 7) to 0.007. Post-hoc observed power was tested for all non-significant 
results due to the low sample sizes. None of the non-significant results had an observed power 
above the common standard of 0.80. All statistical analyses were performed in SPSS® version 26 
(IBM® statistics). Information on Box’s, Mauchly’s, and Levene’s tests are presented in the 
appendices. 
Pre-hypothesis Testing Analyses and Results 
We performed Linear regression analyses to determine if average sperm velocity from the 
three activation temperatures was related to any of the following independent variables: body 
size (standard length), body condition (Fulton’s condition factor), proportional red colouration 
area (average red colouration area/average area from each side of the body of the individual), or 
time sperm spent on ice. Standard length was negatively, and body condition was positively 
significantly correlated with VCL in the nine second dataset (Table 2.3). Due to these results, 
body condition was subsequently used as a covariate in the full model testing all fixed effects on 
sperm velocity. The time sperm spent on ice was positively correlated with sperm velocity in the 
five second dataset (Table 2.3), so it was used as a covariate in the full model. During early 
analyses, we noticed that the date Redside Dace were captured appeared to be linked to the 
sperm variables. We did an explorative ANOVA and determined that date fish were captured did 
in fact alter time on ice five seconds after activation (F4,11=9.21, P=0.0016, partial eta squared = 
0.77) as well as sperm measures in both datasets. Post hoc Tukey tests determined that Redside 
Dace captured on May 11th spent significantly more time on ice than fish captured on May 13th 
and 14th. We then ran repeated measures ANOVAs with date as a fixed variable in models with 
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each sperm variable for both datasets. This turned out to be an unexpected but interesting result, 
so for this reason it is included below in the results section despite it not being a pre-determined 
hypothesis. In all date effect analyses (both datasets) March 12th was removed because data from 
only one fish was collected on this day (Table 2.2).  
Before testing the variables directly linked to our hypothesis and predictions, we tested 
whether our treatment of holding Redside Dace in a bucket for an extended period of time had a 
statistically significant difference from the in creek “control” group, which could be potentially 
linked to stress or an intrasexual cue effect that could alter sperm quality. We found no 
difference between the in-creek group and the treatment groups for any of the three variables in 
either dataset (Table 2.4). In-creek fish data was omitted from any subsequent analyses because 
the hypothesis tests were meant to focus on between treatment effects. However, in creek fish 
data was included in Table 2.5 showing mean and range for each sperm variable because there 
were no differences between it and the treatment groups. 
Results 
Treatment Effects on Sperm Measures  
Individual analyses for each sperm variable in each dataset revealed no evidence that 
acclimation or activation temperature alter any of the three variables tested (Table 2.6). There 
were no between-subject acclimation or within-subject activation treatment effects for any of the 
three variables at nine or five seconds after sperm activation (Table 2.6). However, there was a 
within-subjects interaction effect between activation and acclimation on linearity nine seconds 
after activation as well as VCL and percentage of motile sperm five seconds after sperm 
activation (Table 2.6).  
Overall Effects on Sperm Velocity 
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 When factoring date and body condition into a model to further test our hypothesis, only 
the date Redside Dace are captured and the individual’s body condition affect their sperm 
velocity nine seconds after sperm activation (Table 2.7). There was also a within-subjects 
interaction between acclimation and activation treatments in the nine second dataset (Table 2.7). 
Post-hoc testing demonstrated that sperm from male Redside Dace captured on May 16th had 
higher average sperm velocity nine seconds after activation than sperm from fish captured from 
the other four days (Figure 2.2).  
When factoring date and time on ice into a model for the five second dataset, only the 
date Redside Dace are captured affects their sperm velocity between-subjects (Table 2.7). There 
were no within-subject effects of activation temperature, as well as no interaction effects (Table 
2.7). Post-hoc testing demonstrated that sperm velocity five seconds after activation from fish 
captured on May 13th was significantly lower than the other four days, and velocity from fish 
captured on May 11th and 16th was significantly lower than those captured on May 15th (Figure 
2.2).  
Date Effects on Sperm Measures 
 We further examined the effect of date by running repeat measures ANOVAs on the three 
sperm variables with date as the only fixed factor. Nine seconds after activation, the date of 
capture affected VCL, percentage of motile sperm, and linearity (Table 2.8). As mentioned 
above, the sperm from male Redside Dace captured on May 16th had higher average sperm 
velocity than sperm from fish captured from the other four days (Figure 2.2). The percentage of 
motile sperm nine seconds after activation from fish captured on both May 11th and 13th were 
significantly lower than the proceeding three days. For linearity, sperm from Redside Dace 
captured on May 11th was significantly less linear-travelling than the proceeding four days and 
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sperm from fish captured on May 16th had significantly more linear-travelling sperm than all 
other days nine seconds after activation.  
 Five seconds after activation, date also affected VCL, percentage of motile sperm, and 
linearity (Table 2.8). There was also a within-subject interaction effect between activation 
temperature and date (Table 2.8). As mentioned above, VCL from fish captured on May 13th was 
significantly lower than the other four days, and VCL from fish captured on May 11th and 16th 
was significantly lower than those captured on May 15th (Figure 2.2). The percentage of motile 
sperm five seconds after activation from fish captured on May 13th was significantly lower than 
all other days, and percentage of motile sperm from fish captured on May 11th was significantly 
lower than the 14th, 15th, and 16th. Linearity of sperm five seconds after activation for fish 
captured on both May 11th and 13th were significantly less linear-travelling than the other three 
days.   
Discussion 
 The objective of this study was to understand how water temperature altered the 
movement of Redside Dace sperm by experimentally mimicking an extreme temperature surge 
event. We did not find evidence to support our hypothesis that acclimation or activation water 
temperature are linked to Redside Dace sperm velocity through increasing energy demand at 
higher temperatures and our data did not follow any of the trends predicted about the effects of 
acclimation and activation temperature on sperm velocity. The prediction that males with larger 
red colouration areas would have faster sperm independent of temperature acclimation had no 
support. However, this may have been due to the stress from the experimental procedure. 
Interestingly, the overwhelming conclusion from the data in this research study was that the date 
captured appeared to drastically and rapidly alter Redside Dace sperm movement.  
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 We found no evidence that acclimation temperature alters Redside Dace sperm 
movement. Our findings differ from previous research on Brown Trout (Salmo trutta) which 
demonstrated that increased acclimation temperature decreased sperm velocity (ten seconds after 
activation) early in the spawning season but not late in the spawning season (Fenkes et al., 2017). 
This research study used 23 captive-reared fish in the early spawning season and 17 captive-
reared fish in the late spawning season, had two acclimation temperature treatments with a five-
degree difference, acclimation occurred over a much longer time period of 17-22 days compared 
to our acclimation of three hours, and sperm movement was measured 10 seconds after 
activation using CASA. Our findings also differ from previous research on Siberian Sturgeon 
(Acipenser baeri) showing a negative relationship between acclimation temperature and 
percentage of motile sperm (Williot et al. 2000). This research study used 16 total captive-reared 
fish, had four acclimation temperature treatments with a 2.5-degree difference, four “testis 
states”, spermiation was induced, and sperm was movement was measured 30 seconds after 
activation at four acclimation time points after hormone injection via visual estimation. Our fish 
also differed from the above examples by being held in buckets for acclimation compared to the 
use tanks and raceways in the above articles respectively. Aside from the experimental design 
differences, one explanation for our research differing from these prior research studies could be 
the fact that both of these research articles also tested fish species that are distantly related from 
Redside Dace and each other. Alternatively, water acclimation temperature may simply have no 
effect on Redside Dace sperm in general, which would make sense given the range of 
temperatures that they have been observed spawning at (Dieterman et al., 2018; McKee & 
Parker, 1982; Redside Dace Recovery Team, 2010).  
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 We also found no evidence that activation temperature affected male Redside Dace sperm 
velocity. However, there was an interaction effect between activation and acclimation 
temperature on Redside Dace sperm velocity five seconds after activation. The fact that this 
interaction was not observed in the nine second dataset indicates that either the interactive affects 
are only present less than nine seconds after sperm activation or it may be an artifact of the lower 
population size in the five second dataset and representative of the population. Previous research 
indicates that warmer activation temperatures negatively impact sperm velocity in captive-reared 
Brown Trout 10 seconds after activation (Lahnsteiner, 2012; Lahnsteiner & Monsour, 2012; 
Fenkes et al., 2017). The Lahnsteiner (2012) article and the Lahnsteiner & Monsour (2012) 
article have very similar methods as each other but differ from the methods used in the Fenkes et 
al., (2017) article and our methods in that there was no acclimation treatment tested, they used 
many temperatures to activate sperm, and they used an alternative sperm movement system to 
the CASA. Captive-reared Grayling (Thymallus Thymallus) have similar results to our by 
showing no significant difference in velocity from 4-16°C 10 seconds after activation 
(Lahnsteiner & Monsour, 2012). Captive-reared Burbot (Lota lota) have slower sperm at 2°C 
than 4-6°C (middle-range) 10 seconds after activation (Lahnsteiner & Monsour, 2012). Captive-
reared Common Carp (Cyprinus carpio) show the opposite trend where sperm velocity increases 
with warmer water temperatures 10 seconds after activation (Dadras et al., 2017). This study had 
3 activation treatments that were a 10-degree difference and used slightly different software to 
calculate sperm movement than any of the previously mentioned studies and ours. These 
examples demonstrate all four possible outcomes (positive, negative, temperature-specific, and 
no relationship between activation temperature and sperm velocity) from this type of research 
and differences in results seen between these studies could arise because these fishes are from 
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different families and are adapted to different temperatures, as well as temperature change, in 
different ways. Perhaps hypotheses surrounding water temperature and fish sperm are not 
generally applicable, but species-specific. Interestingly, VCL results of Common Carp from 
Dadras et al. (2017) 10 seconds after activation in 24ºC water are much higher, at around 160 
µm/s, than our results of around 120 µm/s for Redside Dace 9 seconds after activation in 24ºC 
water. However, Common Carp and Redside Dace VCL are very similar at approximately 120 
µm/s, when comparing our results at 16ºC and the results of Dadras et al. (2017) at 14ºC. 
Common Carp and Redside Dace are both members of the Cyprinidae family, making it 
surprising that the difference seen at 24ºC, but not 14ºC/16ºC, would be so extreme. This could 
support the idea above that the effect of water temperature on sperm could be species-specific 
because Common Carp and Redside Dace belong to different subfamilies. Alternatively, the 
long-term acclimation of Cyrprinid fishes could cause this difference observed, where the 
Common Carp from Dadras et al. (2017) were captive and held at approximately 20ºC (+/- 2ºC) 
each day, while the Redside Dace from our study were wild and going through circadian 
temperature change that led to us capturing them each morning at approximately 12.8ºC (+/- 
1ºC). Information on temperature prior to experimentation was not listed in the other articles 
mentioned above. It is possible that the temperature experienced over a moderate period of time 
(several days) leading up to the moment of sperm release affects the velocity of sperm in 
cyprinid fishes; a higher overall long-term acclimation could result in sperm that are faster at 
higher activation temperatures, whereas a short acclimation to a spike in temperature does not 
affect the temperature sperm are activated with. In other words, it could be the type of 
acclimation interacting with activation temperature that affects sperm velocity rather than simply 
activation temperature itself. Future research could test this idea by comparing a captive fish 
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species maintained at relatively constant temperatures and wild fish from the same species 
undergoing natural daily temperature fluctuations. 
 We did not find any evidence that activation temperature alters the percentage of motile 
Redside Dace sperm. Some previous research indicates that warmer activation temperatures 
negatively impact the percentage of motile sperm in Brown Trout (Lahnsteiner, 2012; 
Lahnsteiner & Monsour, 2012; Fenkes et al., 2017). However, the Pink Cusk Eel (Genypterus 
blacodes; Dumorne et al., 2018) and Grayling (Lahnsteiner & Monsour, 2012) are positively 
impacted by warmer activation temperatures for this sperm trait. We found a similar number of 
percent motile sperm in Redside Dace as Dadras et al. (2017) did with Common Carp, with both 
being approximately 80% either nine or 10 seconds after activation respectively and 
approximately the same for all temperatures tested for each of our studies. This could potentially 
further demonstrate that the differences in results seen between these studies could arise because 
these fishes are from different families and are adapted to different temperatures, as well as 
temperature change, in different ways. Overall, this would indicate that trends in acclimation and 
activation temperature effects on sperm are not generally teleost fish specific. 
 The lack of results indicating an effect of either acclimation or activation temperature on 
Redside Dace does not necessarily mean that these factors would not affect reproductive success. 
The danger of Redside Dace experiencing acclimation temperature increases could potentially 
still have negative population effects by negatively impacting the quality of their offspring. 
Indeed, European Whitefish (Coregonus lavretus) showed no sperm movement differences to in 
vitro acclimation temperature differences but did show transgenerational damage (Kekäläinen et 
al., 2018). Transgenerational damage to offspring from parents experiencing a heatwave event 
was also observed in the Red Flour Beetle (Tribolium castaneum; Sales et al., 2018). Future 
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research should incorporate acclimation temperature effects in this type of research focus 
because it is far less researched than activation temperature effects. Alternatively, either 
acclimation or activation temperature could affect egg quality or alter spawning behaviour in 
Redside Dace. The results from our data in this research study should not be considered a 
definitive indication that water temperature does not affect fertilization or reproductive success 
in general, but we did find an indication that Redside Dace sperm movement is resilient to a 
broad temperature range. 
 Based on our data collected, we found a very definitive date effect was present for all 
sperm variables measured. This was present in both the five and nine second datasets with high 
effect sizes in all cases (Tables 2.7 and 2.8). For all sperm variables, we observed lower average 
measures on May 11th and May 13th (except for VCL in the nine second dataset that was 
average). Female Redside Dace from Armstrong Run did not show signs of being ready to spawn 
from May 10th to May 14th, however a portion of the females appeared very close or ready to 
spawn on May 15th and 16th by having eggs that were a deep orange colour and were easily 
massaged out when identifying sex, along with brighter red spots. This is not surprising because 
Redside Dace are known to start their spawning in mid-May (Beausoleil et al., 2012), but it is 
possible that the change in female reproductive status could have potentially caused the observed 
increase in average sperm measures. Alternatively, some aspect of the environment outside the 
species could have altered the reproductive status of both sexes. For example, Redside Dace may 
simply rely on the dates that Creek Chub or Common Shiner spawn since they rely on the nest-
guarding behaviour from males of these species (Redside Dace Recovery Team, 2010), or 
perhaps water temperature plays a significant role. On May 12th to May 13th, it rained heavily in 
our research area and runoff from nearby farms draining into Armstrong Run caused flooding 
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conditions. This likely would have been a stressful event for resident Redside Dace because of 
the fast current, floating debris, and we even observed largescale changes to the structural layout 
of the bottom of the watershed with one pool effectively turned into a run, and a pool created 
where a riffle once was. A HOBO temperature logger placed within a pool (known to have 
Redside Dace) of a nearby creek, that also flows into the Kokosing River, indicated that these 
rainfall events led to lower daily maximum and average water temperatures on May 12th and 
May 13th (Figure 2.2). Whereas daily maximum water temperatures from May 14th to May 16th 
were much higher because these were mostly sunny days (Figure 2.2). These observed 
environmental changes could have potentially caused the date effect we found. Visually 
assessing Figure 2.2, VCL in the five second dataset appears to follow maximum daily water 
temperatures from May 11th to May 15th but not May 16th. This potentially indicates that natural 
fluctuational changes to ambient water temperature correspond to changes in sperm velocity to 
some extent. Perhaps, the unnatural experimental temperature manipulation we put Redside Dace 
through masked a natural pattern between fluctuating water temperature and sperm movement. 
Future research could test whether a fish species sperm follows natural temperature fluctuations 
by taking sperm from fish immediately after capture in the wild over the course of the spawning 
season.  
 Previous research indicates that the time of sampling during the spawning season can 
affect sperm quality measures. Johnson (2012) found that the percentage of motile sperm and 
linearity for hatchery-reared Lake Trout (Salvelinus namaycush) generally increases as the 
spawning season progresses, while velocity is generally unchanged. Results for Atlantic Cod 
(Gadus morhua) show that sperm velocity and linearity are generally higher later in the 
spawning season with a slight peak in mid-March (Butts et al., 2010), but Rouxel et al. (2008) 
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found contradicting evidence that sperm velocity and motile sperm percentage follow a curve 
where the middle part of the spawning season (late February) has more and faster-moving sperm 
for Atlantic Cod. Babiak et al. (2006), found that Atlantic Halibut (Hippoglossus hippoglossus) 
motile sperm percentage and velocity generally decrease as the spawning season progresses.  
The articles from the three species above demonstrate the range of seasonal effects on sperm 
quality for different species of fish due to various ecological conditions. Intra-spawning season 
changes have been well studied in fishes (reviewed by Johnson, 2012). The literature on 
temporal sperm quality change tests differences in sperm quality over multiple weeks or months. 
Our results demonstrate drastic changes over a much shorter time period of within five days, 
which we have not come across in our literature searches. Perhaps this is related to Redside Dace 
living in dynamic environmental conditions due to shallower winding tributaries with sections of 
runs, riffles and pools dispersed throughout. Compared this to a fish species living in a large lake 
or ocean that has comparatively stable environmental conditions and it seems logical that 
changes to sperm quality would need to occur quickly to increase an individual’s chances of 
reproductive success by making the most of environmental conditions that are favourable. This 
logic also applies to the fact that Redside Dace spawn in other species’ nests; sperm quality 
needs to be plastic if they are to accurately time spawning and maximize reproductive success. 
The exact physiological and/or abiotic mechanisms causing such rapid change would be an 
interesting topic for future research. Where applicable, discontinuous spermatogenesis is often 
listed in the literature as a likely cause of intra-spawning season sperm quality change (Johnson, 
2012; Rouxel et al., 2008). Other factors to consider could be ATP content, enzymatic activity, 
hormonal regulation of spermiation, secretory activity of the sperm duct, stress, sperm 
morphology, diet, or stage of maturation (Alavi et al., 2008, as cited in Butts et al., 2010). 
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Temperature, salinity, and photoperiod are all potential abiotic environmental mechanisms that 
could drive rapid gamete change in fishes (Alavi et al., 2008, as cited in Butts et al., 2010), but to 
our knowledge, no research has specifically tested these abiotic mechanisms on a species that 
undergoes rapid sperm quality change. Future research could measure environmental variables 
over the course of a spawning season or experimentally manipulate them, while measuring sperm 
to see how daily changes in these environmental mechanisms may alter sperm quality.  
Day-to-day differences may be universal for Redside Dace specifically and could have 
conservation implications. With Redside Dace being an endangered species in Canada with 
rapidly declining population size (COSEWIC, 2007; Redside Dace Recovery Team, 2010), 
human intervention seems likely. If we were to attempt to stock captive-bred Redside Dace into 
tributaries where they have been extirpated, it is vital to have the best sperm possible during 
breeding in captivity. Further research is necessary to understand exactly how to maximize these 
daily changes in sperm quality if we are to have the best possible in-vitro reproduction success. 
There is also the potential that females go through similar daily gamete quality changes 
depending on environmental or physiological conditions. This makes understanding a potential 
date effect and the specific mechanisms that cause it (such as temperature, salinity, photoperiod, 
or some combination) vital and important to research further.  
 We found that Redside Dace sperm measures were similar to other Redside Dace 
research studies, but the phenotypic measures were different than these studies. The sperm 
velocity measures from our five second dataset (VCL mean 162.3 µm/s) are very similar to the 
sperm velocity measures of a previous dataset (VCL mean 165.3 µm/s) used to test Redside 
Dace sperm velocity (Beausoleil et al., 2012; Pitcher et al., 2009). This along with the in creek 
“control” test further demonstrates that the experimental procedure we put our fish through did 
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not affect their sperm velocity. This is a promising outcome from this research chapter because it 
indicates that future research can implement our experimental design on another species and that 
species may also not have sperm velocity affected by the design. However, each study would 
still need to test this to confirm. Meanwhile standard length, mass, and proportional red spot area 
were all substantially lower in this dataset than in a previous dataset collected on Redside Dace 
(Beausoleil et al., 2012). These similarities and differences indicate that sperm characteristics are 
similar in different subpopulations of Ohio Redside Dace, but phenotypic characteristics may be 
locally adapted or plastic.  
We found a weak indication that body condition is positively correlated with sperm 
velocity and that standard length is negatively correlated with sperm velocity (Table 2.3). These 
correlations are weak because it was clear in the nine second dataset but did not exist in the five 
second dataset. This may have been due to the sample size differences but could alternatively 
indicate that body condition is linked to velocity through sperm longevity. There is growing 
evidence to support that sperm velocity is the primary trait that predicts sperm competitive 
ability in external fertilizing fish species (Fenkes et al., 2017; Gage et al., 2004; Liljedal et al., 
2008; Rudolfsen et al., 2008; Simmons & Fitzpatrick, 2012) including Redside Dace (Beausoleil 
et al., 2012). However, relatively few studies have tested the relationship between fertilization 
success and sperm velocity, with at least two indicating a relationship in Walleye and Highly 
ornamented Whitefish (Casselman et al., 2006; Kekäläinen et al., 2015). Thus, understanding the 
predictors of sperm velocity for Redside Dace is important when assessing their population 
viability in areas of their decline, or if a captive-breeding effort were to develop to aid population 
recovery. Previous research on Redside Dace also did not find a relationship between body size 
and sperm velocity five seconds after activation and did not test the relationship 9/10 seconds 
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after activation (Beausoleil et al., 2012). In Alpine Whitefish (Coregonus fatioi) research shows 
the opposite trend for body condition to our findings, but a similar trend for body size (Urbach et 
al., 2007). Body size could negatively correlate with sperm velocity due to a trade-off between 
body size and sperm velocity (Urbach et al., 2007); indeed, this trade-off has been observed in 
several teleost families (Burness et al., 2004; Locatello et al., 2007; Yamamoto et al., 2017). The 
positive correlation between sperm velocity and body condition could potentially be explained 
by feeding performance, where those that have better feeding performance, either through 
chance, plasticity, or heritable traits linked to better feeding performance, can invest more energy 
into their sperm. Future research could test this potential linkage.  
We also found a weak indication that time sperm spent on ice positively affected sperm 
movement, but this turned out to be an artifact of the date effect rather than a troublesome 
finding for future research. Redside Dace captured on May 13th spent less time on ice in the five 
second dataset simply due to chance of the experimental procedure and as the tests for date effect 
demonstrated, sperm velocity was lower on May 13th (Figure 2.2). This appeared to drive a 
positive relationship between time on ice and sperm velocity by skewing less time on ice to 
correlate with lower sperm velocity but was not due to sperm actually spending less time on ice. 
Furthermore, one would actually expect sperm spending time on ice to have a negative effect on 
sperm movement. Therefore, our results linked to time sperm spent on ice are positive for future 
research with a specific research focus on testing sperm movement.  
  We found no indication that red spot area is linked to sperm velocity (Table 2.3). 
Previous research on Redside Dace has found a relationship between the path velocity (VAP) 
and straight-line velocity (VSL) with proportional red area but not VCL and proportional red 
area (Beausoleil et al., 2012). The lack of correlation between sperm velocity and red spot area in 
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our research could be due to the stress Redside Dace experienced throughout the acclimation 
temperature treatment. The benefits of colour change in Redside Dace during the spawning 
season remains unknown. Mate choice experiments show no evidence for female colouration 
preference (Beausoleil et al., 2012). The lack of correlation between VCL and colouration shown 
here and in Beausoleil et al. (2012) could be due to a limited sample size and specifically, each 
study has a narrow sampling window of six days or less. Future research could focus on 
colouration changes leading up to and throughout the spawning season and link this to sperm 
measures to gain deeper knowledge into why this quite dramatic colouration change occurs and 
whether it is linked to sperm competition.  
 In this research study, we experimentally tested whether a temperature surge would 
negatively impact Redside Dace sperm with the purpose of gaining knowledge about whether 
this could potentially be contributing to the decline of Redside Dace. Our results indicate that 
increased temperature overall had no effect on the sperm variables examined. Thus, a 
temperature surge during the spawning season does not appear likely to have detrimental effects 
on reproductive success through sperm movement, but could still affect spawning behaviour, egg 
quality, or cause negative transgenerational effects as all of the above have been observed in 
other species (Walsh et al., 2019; Kekäläinen et al., 2018). However, we did find that Redside 
Dace go through rapid daily changes in sperm movement leading up to the spawning season. We 
had previously identified two gaps in the literature on temperature effects on sperm: whether 
acclimation temperature affects sperm movement and the use of wild fishes to study the effect of 
water temperature on sperm. While contributing to filling these gaps with our factorial 
experimental design, we unexpectedly found that the environmental mechanisms causing daily 
pre-/intra-spawning season gamete change is a different gap in the literature. Further research 
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aimed at understanding how and which environmental mechanisms cause temporal fluctuations 
in gamete quality is vital if we are to further our understanding of reproduction and apply these 
practices to aquaculture or conserving species at risk. 
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Figure 2.1 Phenotypic measures taken from each Redside Dace (Clinostomus elongatus) using 
ImageJ software. The green line demonstrates how we collected standard length (cm). The 
yellow outline demonstrates how I collected red spot area (cm2). The blue outline demonstrates 
how we collected area of the side of the fish (cm2). For all three of these measures the average 






Figure 2.2 Differences in Redside Dace (Clinostomus elongatus) daily sperm curvilinear 
velocity (VCL) nine seconds (A) and five seconds (B) after activation, and HOBO temperature 
logger data from a pool within a creek nearby the study creek location (C) from May 11th to May 
16th. Three different activation temperatures are shown in A and B: warm (24ºC +/- 0.5ºC; red 
line), medium (20ºC +/- 0.5ºC; green line), and cold (16ºC +/- 0.5ºC; blue line). Day ranges are 
from May 11th to May 16th with Redside Dace data from May 12th removed from A and B due to 
low sample on this day. Sample sizes in chronological order are 5, 6, 6, 12, and 6 for the nine 
second dataset, and 5, 2, 2, 3, and 4 for the five second dataset. The temperature data (C) is 
presented as maximum (red), average (green), and minimum (blue) temperatures for each day. 
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Table 2.1 Review table of research articles testing how different water activation temperatures alter one or more aspects of teleost fish 
sperm movement. Changes to sperm quality are presented by species and article with the effect that warmer activation water 
temperature had on that species for each specific sperm trait examined. Sample sizes (number of male fish) and whether the study used 




Teleost Species Article Sperm Trait (Effect of Warmer Water: negative [-] or 
positive [+]) 
Sample Size (# of 
Fish) [wild or 
captive] 
Brown Trout (Salmo 
trutta) 
Fenkes et al., 
2017 
velocity (- for early and late sampling), proportion motile (- for 
early and no effect for late sampling) 
Early date (23) 
Late date (17) 
[captive] 
Brown Trout (Salmo 
trutta) 
Lahnsteiner, 2012 Proportion locally motile (+), proportion motile (-), velocity (-),  6 [captive] 




Proportion locally motile (+), Proportion progressively motile (-
), velocity (-) 
6 [captive] 
Brown Trout (Salmo 
trutta) 
Vladic & Jarvi 
1997 
Sperm motility duration (-) 6 [wild] 
Atlantic Salmon (Salmo 
salar) 
Vladic & Jarvi 
1997 





Proportion locally motile (none), Proportion progressively 
motile (+), velocity (none) 
6 [captive] 
Burbot (Lota lota) Lahnsteiner & 
Monsour, 2012 
Proportion locally motile (none), Proportion progressively 





Dadras et al., 
2017 




Witeska, 1999  
Motility duration (interpretation: - for 4/5 experiments, none for 
1/5)   














Romagosa et al., 
2010 




Dumorne et al., 
2018 





Valdebenito et al., 
2017 
Motility duration (-) 4 [captive] 
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Table 2.2 Sample sizes (N) from a total of 45 Redside Dace (Clinostomus elongatus) that produced reliable measures of sperm 
variables for the nine second dataset (A) and a total of 20 Redside Dace that produced reliable measures of sperm variables for the five 




                
 9 Second Dataset (Ntotal=45) 
Acclimation Treatment 
DATE In Creek Cold Medium Warm 
May 11th N=1 N=3 N=1 N=1 
May 12th N=0 N=0 N=0 N=1 
May 13th N=0 N=3 N=2 N=1 
May 14th N=0 N=2 N=2 N=2 
May 15th N=3 N=4 N=4 N=4 




5 Second Dataset (Ntotal=20) 
May 11th N=0 N=3 N=1 N=1 
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May 12th N=0 N=0 N=0 N=1 
May 13th N=0 N=2 N=0 N=0 
May 14th N=0 N=0 N=1 N=1 
May 15th N=0 N=0 N=1 N=2 
May 16th N=3 N=1 N=2 N=1 
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Table 2.3 Linear regression analyses to determine the relationships standard length, body condition (Fulton’s K), proportional red area 
(average red area/average area of the side of the fish), and time sperm spent on ice prior to activation (time on ice) have with average 
sperm velocity (VCL) from the three activation temperatures for each dataset (five or nine seconds). P-values <0.05 are denoted with 




Sperm variable x predictor variable (dataset) DF (regression, residual) R value P-value 
Average VCL x standard length (9s) 1, 43 0.37 0.013* 
Average VCL x standard length (5s) 1, 18 0.014 0.95 
Average VCL x fulton’s body condition (9s) 1, 43 0.48 8.8x10-4*** 
Average VCL x fulton’s body condition (5s) 1, 18 0.12 0.62 
Average VCL x proportional red area (9s) 1, 34 0.21 0.22 
Average VCL x proportional red area (5s) 1, 14 0.32 0.21 
Average VCL x time on ice (9s) 1, 34 0.21 0.22 
Average VCL x time on ice (5s) 1, 14 0.37 <0.0001*** 
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Table 2.4 Repeated measures one-way ANOVA differences between the in-creek control group and treatment groups combined for 
Redside Dace (Clinostomus elongatus) VCL (curvilinear frame to frame velocity), percentage of motile sperm, and linearity with 




 Within-subject effects Between-subject effects 











F-value P-value Effect size 
(partial eta 
squared) 
VCL (9s) 2, 86 0.42 2, 86 0.12 1, 43 0.029 0.87 0.0010 
Percentage of motile sperm 
(9s) 
2, 86 0.98 2, 86 0.31 1, 43 0.53 0.47 0.012 
Linearity (9s) 2, 86 0.52 2, 86 0.36 1, 43 0.38 0.54 0.0090 
VCL (5s) 2, 36 0.60 2, 36 0.084 1, 18 2.21 0.15 0.11 
Percentage of motile sperm 
(5s) 
2, 36 0.76 2, 36 0.48 1, 18 1.36 0.26 0.070 
Linearity (5s) 2, 34 0.94 2, 34 0.49 1, 17 3.47 0.080 0.17 
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Table 2.5 Means and ranges for each Redside Dace (Clinostomus elongatus) sperm variable tested for each dataset. VCL is 
curvilinear frame-to-frame velocity. Original data on the percentage of motile and linearity of sperm were non-parametric, for this 
reason they were altered to make them parametric (normalized). This caused the range for percentage of motile sperm to be greater 




Variable (dataset) Total Sample Size Mean Range 
VCL (9s) 45 118.4 µm/s 85.3-156.7 µm/s 
Percentage of motile sperm normalized (9s) 45 78.3% 33.5-113.1% 
Linearity normalized (9s) 45 69.6 40.5-89.6 
VCL (5s) 20 162.3 µm/s 117.7-189.3 µm/s 
Percentage of motile sperm normalized (5s) 20 76.2% 34.2-116.1% 
Linearity normalized (5s) 19 65.7 43.4-94.8 
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Table 2.6 Repeated measures one-way ANOVAs testing the effect of acclimation on Redside Dace (Clinostomus elongatus) VCL 
(curvilinear velocity), percentage of motile sperm, and linearity with repeated measures of sperm activation at three different 
temperatures (16, 20, or 24ºC). P-values <0.05 are denoted with *, <0.01 are denoted with **. Bold P-values are less than the 




 Within-subject effects Between-subject effects 










F-value P-value Effect size 
(partial eta 
squared) 
VCL (9s) 2, 66 0.72 4, 66 0.081 2, 33 0.35 0.71 0.021 
Percentage of motile sperm 
(9s) 
2, 66 0.33 4, 66 0.91 2, 33 2.06 0.14 0.11 
Linearity (9s) 2, 66 0.67 4, 66 0.0053** 2, 33 1.50 0.24 0.083 
VCL (5s) 2, 28 0.094 4, 28 0.0029** 2, 14 2.40 0.13 0.26 
Percentage of motile sperm 
(5s) 
2, 28 0.58 4, 28 0.036* 2, 14 2.59 0.11 0.27 
Linearity (5s) 2, 26 0.57 4, 26 0.88 2, 13 3.21 0.074 0.33 
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Table 2.7 Repeated measures factorial ANOVAs testing how acclimation treatment, activation treatment, and date of capture effect 
Redside Dace (Clinostomus elongatus) VCL (curvilinear sperm velocity) with repeated measures of sperm activation at three different 
temperatures (16, 20, or 24ºC). Body condition correlated with VCL in the nine second dataset, while time on ice correlated with VCL 
in the five second dataset, so each were included as a covariate in the respective models. Tacc is the acclimation water temperature 
treatment. Tact is the activation water temperature treatment. Effect sizes and P-values are based on an alpha of 0.05. P-values <0.05 




Within-subject effects – 9 second dataset 
Explanatory variables for VCL DF (test, error) F-value P-value Effect size 
(partial eta 
squared) 
Activation (Tact) 2, 38 1.40 0.26 0.068 
Tact * Body condition 2, 38 1.24 0.30 0.061 
Tact * Acclimation (Tacc) 4, 38 2.68 0.046* 0.22 
Tact * Date captured (Date) 8, 38 1.38 0.24 0.23 
Tact * Tacc * Date 16, 38 1.37 0.21 0.37 
Between-subject effects – 9 second dataset 
 Body condition 1, 19 10.31 0.0046** 0.35 
 Tacc 2, 19 0.92 0.42 0.088 
 Date 4, 19 4.64 0.0088** 0.49 
 Tacc * Date 8, 19 0.63 0.74 0.21 
Within-subject effects – 5 second dataset 
Tact 2, 8 0.029 0.97 0.0072 
Tact * Time on Ice 2, 8 0.087 0.92 0.021 
Tact * Tacc 4, 8 1.05 0.44 0.34 
Tact * Date 8, 8 0.91 0.55 0.48 
Tact * Tacc * Date 8, 8 0.95 0.53 0.49 
Between-subject effects – 5 second dataset 
 Time on Ice 1, 4 0.96 0.38 0.19 
 Tacc 2, 4 0.42 0.69 0.17 
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 Date 4, 4 16.63 0.0093** 0.94 
 Tacc * Date 4, 4 1.91 0.27 0.66 
 66 
Table 2.8 Repeated measures one-way ANOVAs testing the effect of date Redside Dace (Clinostomus elongatus) were captured on 
VCL (curvilinear sperm velocity), percentage of motile sperm, and linearity with repeated measures of sperm activation at three 
different temperatures (16, 20, or 24ºC). P-values <0.05 are denoted with *, <0.01 are denoted with **, <0.001 are denoted with ***. 




 Within-subject effects Between-subject effects 










F-value P-value Effect size 
(partial eta 
squared) 
VCL (9s) 2, 60 0.62 8, 60 0.46 4, 30 3.56 0.017* 0.32 
Percentage of motile sperm 
(9s) 
2, 60 0.31 8, 60 0.96 4, 30 6.87 4.7x10-4*** 0.48 
Linearity (9s) 2, 60 0.45 8, 60 0.49 4, 30 7.33 3.1x10-4*** 0.49 
VCL (5s) 2, 22 0.12 8, 22 0.038* 4, 11 27.32 <0.0001*** 0.91 
Percentage of motile sperm 
(5s) 
2, 22 0.78 8, 22 0.86 4, 11 25.17 <0.0001*** 0.90 










Wild animals inevitably have to differentially allocate energy toward growth, storage, 
maintenance, and reproduction causing differential allocation toward organ sizes of the gonad, 
liver, gut, heart, and carcass that can represent proxy measures for these four subsystems. These 
trade-offs are likely exacerbated in seasonal environments where one or more season is 
particularly difficult to survive and may be a helpful indicator of when and how an animal of 
concern, such as the Redside Dace, is most susceptible to population decline. The objective of 
this study was to examine how gonad, liver, gut, heart, carcass, body condition, and red spot area 
change from season to season and how this differs by age and sex in Redside Dace. The overall 
purpose was to use this seasonal morphology information to assess when Redside Dace are most 
susceptible to decline. We sampled adult and juvenile Redside Dace once per season and found 
that gonads, guts, livers, hearts, carcasses, and body condition showed seasonal changes as well 
as sex and age-based differences. Based on our overall results, Redside Dace appear most 
susceptible to population to death in the winter, with spring being vital for both spawning in 




Understanding how an organism allocates energy that it has acquired from nutriment to 
different body parts provides some vital knowledge necessary to understand its physiology, 
ecology, and evolution (Fisher, 1930; Naya et al., 2010; Perrin & Sibly, 1993). To maximize its 
evolutionary fitness, an organism must allocate energy to growth, storage, maintenance, and 
reproduction (hereafter referred to as the four subsystems) throughout its lifetime in a way that 
produces the most possible offspring of high enough quality to reproduce themselves (Perrin & 
Sibly, 1993). From a gene-centric perspective, the goal of one’s genes is to produce as many 
organisms as is possible that can utilize the resources available to best allocate these resources to 
the four subsystems throughout its lifetime such that the outcome at death of the organisms is the 
maximum presence of these genes in the next generation with the highest probability of repeating 
this cycle (Dawkins, 1976). If internal resources, defined as any biochemical energy used to 
create, build, or repair internal structures, are limited, then a negative functional interaction that 
causes a negative association between two traits (i.e., a trade-off) related to the four different 
subsystems could occur (Zera & Harshman, 2001). In the case of almost all wild animals, 
internal resources are limited, making trade-offs in the four subsystems inevitable. The 
acquisition of internal resources (i.e., foraging performance) plays a vital role in trade-offs 
because an individual with better foraging performance can cope with trade-offs more easily 
through a higher net input available to be allocated to the four subsystems (Perrin & Sibly, 1993; 
Zera & Harshman, 2001). However, in seasonal environments foraging is inevitably harder 
during the winter unless an animal can migrate, making any potential trade-offs exacerbated. 
Some well-studied examples of trade-offs among animals are in wing-polymorphic crickets, 
Drosophila flies, as well as several lizard and bird species; the one thing all of these examples 
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have in common is that reproduction is often traded-off with either growth, storage, or 
maintenance (Reviewed by Zera & Harshman, 2001).  
Trade-offs are measured in one of three ways: phenotypic variables of unmanipulated 
individuals, experimental phenotypic manipulation, or genetic analyses (Zera & Harshman, 
2001). For example, comparing fertility and fat storage of a wild bird species that has a group 
migrate relative far compared to another group would be testing phenotypic variables of 
unmanipulated individuals, comparing reproductive success and fat content between fed and 
starved laboratory mice could experimentally manipulate phenotype, and performing genetic 
analyses to establish genetic differences between a large fish morph with lower quality sperm to 
a smaller fish morph with higher quality sperm would be an example of a genetic analysis 
method. Finding corresponding evidence using all three methods is ideal because all three 
options have pros and cons (Zera & Harshman, 2001). Measuring phenotypic traits of 
unmanipulated wild animals alone cannot definitively determine if a trade-off is present because 
confounding variables that are unknown to the researcher(s) are likely present (Zera & 
Harshman, 2001). However, measuring phenotypic traits, such as the size of a tissue or organ, 
gives a general starting point in understanding whether or not a specific trade-off could be 
present. For example, the following organs represent a proxy measurement for each of the four 
subsystems of energy allocation: gonad size represents a proxy of energy allocation toward 
gametogenesis for reproduction (Guerrero et al., 2009; Naya et al., 2010), liver size represents a 
proxy for energy storage because glycogen reserves and fats are often stored in the liver 
(Blanchard et al., 2005; Naya et al., 2010; Piersma & Lindström, 1997), gut size is extremely 
plastic and could be a proxy for energy allocation toward any of the four subsystems because it is 
a proxy for increased energy available for allocation (Naya et al., 2009a; Starck, 2003; Piersma 
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& Lindström, 1997), heart size along with muscle mass represent proxies for energy allocation 
toward activity (Zheng et al., 2014; Piersma & Lindström, 1997) which could comparatively 
indicate how energy is being allocated toward each of the four subsystems. When researching an 
animal in a seasonal environment, these organ measures become particularly useful in 
understanding how that animal is allocating energy in order to survive the difficult winter while 
having enough energy to be allocated toward reproduction when the breeding season comes 
(Naya et al., 2010).  
Seasonal change in animal organ size is not a commonly published topic (Naya et al., 
2010). Table 3.1 is a review of the current literature found, many of which had to be interpreted 
because they either did not directly perform statistical tests on seasonal change, focused on 
monthly changes, or did not have a sample from all four seasons. Although the general topic of 
phenotypic flexibility of organs has a vaster literature catalogue (see review by Piersma & 
Lindström, 1997), measuring this change from season to season appears to be a gap in the 
literature. Potential reasons for this could be due to the fact that many animals need to be 
euthanized in such research, or specimen collection during one or more seasons may be very 
difficult depending on the ecology of the research animal. Among the literature on seasonal 
organ change in fish, research is focused on adult gonad and liver change (Table 3.1). This 
makes testing seasonal changes in other organs for fish species, as well as seasonal organ change 
in juveniles compared to adults, two clear literature gaps. We will contribute toward filling these 
literature gaps by including gut, heart, and carcass size, along with gonad and liver size, in 
seasonal testing of both juveniles and adults of a small-bodied minnow. Furthermore, we will 
compare and contrast two comparative methods of testing seasonal organ size change using our 
dataset from Turko et al. (2020) in different ways in this research study. 
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 Redside Dace (Clinostomus elongatus) are a small cool water stream cyprinid native to 
Northeastern North America that is in severe decline in Canada and other parts of its range 
leading it to be considered endangered in Canada (COSEWIC, 2007; Redside Dace Recovery 
Team, 2010; Turko et al., 2020). Redside Dace spend the majority of the year in pools where 
they form heterospecific shoals with other sympatric fish species (McKee & Parker, 1982; Turko 
et al., 2020). Redside Dace diet includes nematodes and a variety of adult and larval arthropod 
species, many of which are captured aerially (Davidson, 2011; McKee & Parker, 1982; Redside 
Dace Recovery Team, 2010). Sexual maturity generally occurs at two years of age, with some 
populations maturing as young as one year old, and their lifespan is three to four years of age 
(Dieterman et al., 2018; Redside Dace Recovery Team, 2010). Spawning occurs from mid-May 
to early-June at various temperatures depending on local ecological conditions but is generally 
thought occur at about 18ºC (Dieterman et al., 2018; McKee & Parker, 1982; Redside Dace 
Recovery Team, 2010). Although the red spot is present in adults year-round, during the 
spawning season both sexes express more carotenoid red colouration, with males expressing 
brighter, more saturated, and relatively larger red spots compared to females (Beausoleil et al., 
2012). Seasonal temperature change is extreme for Redside Dace, ranging from -0.06°C in the 
winter to 23.8°C in the summer based on recent reports from a creek pool in rural Ohio (Turko et 
al., 2020). It is very likely that this temperature range is even more extreme in Urbanized parts of 
their range due to warm storm water inflow that was heated on artificial surfaces (Herb et al., 
2008; Hester & Bauman, 2013). Indeed, urbanization is one hypothesis for the decline of 
Canadian Redside Dace (COSEWIC, 2007; Redside Dace Recovery Team, 2010; Turko et al., 
2020).  
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 The objective of this research chapter was to examine how organ sizes, carcass size, body 
condition, and red spot area change from season to season in a wild population of Redside Dace. 
The overall purpose was to use this seasonal morphology information to assess when Redside Dace 
may be most susceptible to population decline. Organs from Redside Dace were already harvested 
when we conducted a research study testing the thermal tolerance of wild Redside Dace and we 
did not have a hypothesis when including seasonal organ size change in this article (Turko et al., 
2020). We adopted the hypothesis from Naya et al. (2010) that extreme seasonal environmental 
fluctuations, such as those experienced by Redside Dace, will correspond to a high degree of 
related seasonal organ size changes. The rationale behind this hypothesis is that 1) the phenotype 
of an organism is continuously adjusted based on environmental changes 2) seasonal environments 
present different selective pressures in each season 3) organ size change gives us a simple but 
precise way to assess the organism’s response to the changing environment (Naya et al., 2010). 
This hypothesis would make several Redside Dace relevant predictions: 1) gonad size of adults 
will be larger in the spring compared to other seasons because spawning occurs in the spring, 2) 
liver size will be smaller in the winter compared to other seasons because liver fat and glycogen 
reserves will need to be used, 3) heart, gut, and body condition will be larger in the spring/summer 
than fall/winter as a result of increased foraging for the higher insect abundance during these 
seasons. We will also test sex and age-based changes to organ size over the course of one year and 
we will examine seasonal red spot size changes in adults to further our understanding of the 
namesake red spot. 
Methods 
 Research Specimens 
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All specimens, collection, dissection, and red spot area methods from this research 
chapter arise from a larger study regarding thermal stress physiology (Turko et al., 2020). 
Redside Dace were collected from the north branch of the Kokosing River, Franklin Township of 
Morrow County, Ohio, USA (40.545909, −82.654234) via standard seine technique. A total of 
163 individuals were collected on four occasions, once during each season from 2018 to 2019: 
August 27–29 (2018), November 4–8 (2018), February 21–25 (2019), May 1–4 (2019). There 
was also a collection that occurred in August of 2019 for the larger dataset (Turko et al., 2020), 
but those data were omitted from this research chapter to simplify analyses by only having one 
sampling for each season and differentiate from the Turko et al. (2020) dataset. The number of 
Redside Dace captured on each sampling occasion is described in Table 3.2. All specimens were 
already designated to be euthanized because critical thermal maximum experiments were being 
performed on them and this was likely to cause death in many fish. This made euthanizing them 
the most ethical thing to do as an attempt to avoid further pain. Furthermore, utilization of their 
body parts after euthanization allowed us to gain more information about the species. We 
differentiated juveniles and adults in the field using body size and the presence (adults) vs. 
absence (juveniles) of red body pigmentation. Juveniles were identified as Redside Dace by an 
enlarged upturned mouth unique to this species. We euthanized Redside Dace via cerebral 
percussion and laceration then subsequently photographed, weighed (fresh mass), and opened 
their abdomen allowing us to confirm sex in adults and to fix the fish in 10% buffered formalin 
for 48 hours. 
Fixed Redside Dace were then stored in 70% ethanol for later dissection. After six-eight 
weeks in ethanol, we removed and weighed (fixed mass) each fish then dissected the liver, 
digestive tract with gut contents remaining inside (hereafter referred to as gut), heart, and 
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gonads. We then weighed the remaining carcass with all muscle, integument, bones, and the 
remaining organs (carcass mass). Adult Redside Dace sex was confirmed after dissection and 
had their red spot area measured from the post-experiment photos of the left side of each fish 
using ImageJ (https://imagej.nih.gov/ij/) by calibrating with a ruler in each photo. The red spot 
area for each adult was measured twice with the mean taken to ensure an accurate measure of red 
spot area. Juveniles were not sexed because sex is difficult to definitively determine in juvenile 
cyprinids and we did not think there was a high likelihood of sex-based differences in juveniles. 
All Redside Dace had their standard length measured using ImageJ as well. 
Calculations and Statistical Analyses 
 Body condition was calculated using Fulton’s condition factor (K = mass/length3 x 100) 
using the fresh mass and the standard length of each fish. Gonadosomatic index (GSI), 
hepatosomatic index (HSI = liver), heart ratio, gut ratio, and carcass ratio were all standardized 
with fixed mass. In other words, each of the four organ variables above were calculated as the 
organ weight after dissection divided by the fixed mass, then multiplied by 100. This is 
intentionally different from the methods used in Turko et al. (2020), where we size-corrected 
with mean length of each group, because this provides a more accurate representation of the 
relative organ weights for between organ comparisons in this analysis of the same dataset. 
Furthermore, size correcting each organ with fixed mass allowed us to have the exact total body 
mass percentage for each organ because we weighed all body parts of each Redside Dace during 
dissection. Similarly, red spot ratio was calculated by total red spot area divided by standard 
length then multiplied by 100. This research study will expand on the seasonal organ change 
results presented in Turko et al. (2020) by also including tests of seasonal juvenile gonad change, 
seasonal heart size and adult red spot area change as well as testing age and sex-based 
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differences. Based on the three groups of Redside Dace collected (juveniles, adult males, and 
adult females), five datasets were created: an overall dataset including all Redside Dace, an 
adult-only dataset, a juvenile-only dataset, an adult male-only dataset, and an adult female-only 
dataset. Table 3.3 presents the means and ranges of the morphology variables collected in each 
season for juveniles, adult females, and adult males. 
Each dataset had the five organ variables and Fulton’s body condition tested for 
normality using Shapiro-Wilk tests (P>0.05=normal distribution). Red spot ratio Shapiro-Wilk 
tests were also run in the adult-only, adult male-only, and adult female-only datasets. Shapiro-
Wilk P-values along with whether or not the variable is normally distributed is presented in the 
results tables (Table 3.4 and 3.5). All variables were also tested for outliers over the course of the 
year for each dataset. Outliers that were from 1.5-3.0 times the interquartile range were kept in 
the dataset, while outliers greater than 3.0 times the interquartile range were removed because 
they did not seem representative of the population given the other datapoints and may have been 
linked to some form of human error or potentially the experimental CTmax procedure. The 
following is a list of the eight outliers removed: one juvenile GSI in August, two juvenile heart 
ratios in February, one adult male gut ratio in August, one adult male heart ratio in November, 
one adult male HSI in February, one adult female gut ratio in November, one adult female heart 
ratio in February. We ran Analysis of variance (ANOVA) tests for all parametric variables 
testing the differences in GSI, HSI, gut ratio, heart ratio, carcass ratio, body condition, or red 
spot ratio between the following: juveniles compared to adults over the course of the year, males 
compared to females over the course of the year, or seasonal changes within the year to 
juveniles, adult males, or adult females. Likewise, we ran Kruskal-Wallis tests on all non-normal 
variables testing the same differences just mentioned. I attempted to normalize the data with 
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square or square root transformations depending on whether the skew was left or right, but the 
data were still non-normal according to Shapiro-Wilk tests in majority of cases, and therefore I 
used non-parametric statistics on these variables. Appendix 1.1 demonstrates differences in 
Shapiro-Wilk values before and after transformations, and presents effect sizes and P-values for 
ANOVAs and Kruskal-Wallis tests for comparison. Post hoc tests to identify exact seasonal 
differences were Tukey and Games-Howell for parametric and non-parametric respectively. 
Alpha values in all statistical test were 0.05. However, 6 seasonal statistical tests were run in the 
juvenile dataset and 7 in both the adult male and adult female datasets, this would make the 
Bonferroni correction for Juveniles 0.0083 and 0.0071 for adults. Analogous Bonferroni 
correction values would apply to the age (0.0071) and sex (0.0083) differences tests. Tests of 
effect size (post-hoc observed effect) were also run during all applicable analyses and reported in 
the results tables. Differences in degrees of freedom are due to one or more of the following 
reasons: extreme outliers, dissection errors, errors in weighing, or glare in photos for red spot 
area. All statistical analyses were performed in SPSS® version 26 (IBM® statistics).  
Results 
 Seasonal Changes in Juveniles 
 Significant seasonal differences were found in juvenile Gonads (GSI), livers (HSI), guts, 
carcasses, and body condition (Table 3.4). Post-hoc testing determined that juvenile relative 
gonad size in August was significantly larger than February or May (Figure 3.1). Relative gonad 
size had an average of 0.82% of total body mass (TBM) in August, this was a 116% decrease to 
0.38% TBM in February, and a 91% decrease to 0.43% TBM in May (Table 3.3). Relative liver 
size was significantly smaller in February than any other month, and liver size in May was 
significantly smaller than August (Figure 3.1). Relative liver size had an average of 1.36% TBM 
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in February, this was a 46% decrease from 2.52% TBM in August, a 37% decrease from 2.17% 
TBM in November, and a 46% increase to 1.99% TBM in May (Table 3.3). Average relative 
liver size also decreased 21% from August to May. Relative gut weight in May was significantly 
higher than the other months, and gut weight in August was significantly larger than gut weight 
in February (Figure 3.1). Relative gut size had an average of 6.19% TBM in May, this was an 
18% increase from 5.23% TBM in August, a 39% increase from 4.45% TBM in November, and 
a 78% increase from 3.47% TBM in February (Table 3.3). Average relative gut size also 
decreased 37% from August to February. Relative carcass size was significantly smaller in May 
and August than November and February (Figure 3.1). Relative carcass size had an average of 
91.1% TBM in both August and May, corresponding to a 1.5% difference (increase or decrease) 
to 92.5% TBM in November, and a 3% difference (increase or decrease) to 93.9% TBM in 
February (Table 3.3). Body condition was significantly higher in August and November than 
February and May (Figure 3.1).  
Seasonal Changes in Adult Females 
 Female adult Redside Dace had significantly different Gonads (GSI), guts, hearts, 
carcasses, and body condition over the course of the year (Table 3.4). Post-hoc testing 
determined that relative gonad size was larger in May than any other month, and gonads in 
August were significantly smaller than gonads in November or February (Figure 3.2). Relative 
gonad size had an average of 19.5% TBM in May, this was a 328% increase from 4.56% TBM in 
August, a 112% increase from 9.18% TBM in November, and a 110% increase from 9.29% 
TBM in February (Table 3.3). Gonads increased 101% and 104% from August to November and 
August to February respectively. Female relative gut size was lower in February than August and 
May (Figure 3.2). Relative gut size decreased 21% from an average of 5.08% TBM in August to 
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4.0% TBM in February, and gut size increased 19% from 4.0% TBM in February to 4.76% TBM 
in May (Table 3.3). Relative heart size in February was significantly smaller than November and 
May (Figure 3.2). Relative heart size had an average of 0.24% TBM in February, this was a 27% 
decrease from 0.33% TBM in November and increased 42% to 0.34% TBM in May (Table 3.3). 
Relative carcass size was significantly lower in May than the other three months, and August 
was larger than November and February (Figure 3.2). Relative carcass size had an average of 
73.2% TBM in May, this was a 17% decrease from 88.0% TBM in August, a 13% decrease from 
83.7% TBM in November, and a 13% decrease from 84.5% TBM in February (Table 3.3). 
Relative carcass size also decreased 5% and 4% from August to November and August to 
February respectively. Body condition was significantly lower in February than November 
(Figure 3.2).  
Seasonal Changes in Adult Males 
 Seasonal differences occurred in adult male Redside Dace Gonads (GSI), livers (HSI), guts, 
hearts, carcasses, and red spot sizes (Table 3.4). Relative gonad size was larger in May than any 
other month, and gonads in August were smaller than those in February (Figure 3.3). Relative 
gonad size had an average of 4.14% TBM in May, this was a 174% increase from 1.51% TBM in 
August, a 118% increase from 1.90% TBM in November, and a 40% increase from 2.94% TBM 
in February (Table 3.3). Relative gonad size increased 95% from August to February. Both liver 
and gut size were significantly smaller in February than any other month (Figure 3.3). Relative 
liver size had an average of 1.20% TBM in February, this was a 33% decrease from 1.79% TBM 
in August, a 32% decreased from 1.77% TBM in November, and increased 44% to 1.73% TBM 
in May (Table 3.3). Relative gut size had an average of 3.48% TBM in February, this was a 27% 
decrease from 4.75% TBM in August, a 22% decreased from 4.46% TBM in November, and 
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increased 32% to 4.58% TBM in May (Table 3.3). Heart size was significantly larger in May than 
all other months (Figure 3.3). Relative heart size had an average of 0.42% TBM in May, this was 
a 45% increase from 0.29% TBM in both August and November, and a 50% increase from 0.28% 
TBM in February (Table 3.3). Relative Carcass size was significantly smaller in May than all other 
months (Figure 3.3). Relative carcass size had an average of 89.1% TBM in May, this was a 3% 
decrease from August (91.7% TBM), November (91.6% TBM), and May (92.1% TBM) (Table 
3.3). Relative red spot area was significantly larger in February than August and November (Figure 
3.3).  
Age-based Annual and Seasonal Morphology Differences 
 Juveniles had significantly smaller relative gonad size and body condition, but larger 
relative gut and carcass size than adults over the course of the year (Table 3.5). Post-hoc testing 
determined that juvenile relative gonad size was smaller than adults in each seasonal sample 
(P<0.05). Juvenile relative gut size did not differ from adults in August, November, or February 
(P>0.05), but was significantly larger in May (P<0.05). Juvenile relative carcass size was higher 
in November, February, and May (P<0.05), but did not differ from adults in August (P>0.05). 
Body condition did not differ from adults in August and November (P>0.05) but was 
significantly smaller in February and May (P<0.05).   
Sex-based Annual and Seasonal Morphology Differences 
 Male Redside Dace had significantly smaller gonads and livers compared to females but 
had significantly larger carcass and red spot size over the course of the year (Table 3.5). Post-hoc 
testing determined that gonad, liver, and carcass differences were persistent in every seasonal 
sample (P<0.05). Male relative red spot area was significantly larger than females in May, 
February, and November (P<0.05), but not August (P>0.05). 
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Discussion 
 This research chapter examined the general trend of how organ size changes from season 
to season in a wild population of Redside Dace. We found evidence to support the hypothesis that 
extreme seasonal environmental fluctuations will correspond to a high degree of related seasonal 
organ size changes (Naya et al., 2010). Overall, Redside Dace showed a high degree of seasonal 
change in the gonad, liver, gut, heart, and carcass size. We found some level of support for all 
three of our predictions. We found strong support for our first prediction that gonad size of adult 
Redside Dace is higher in the spring than the other three seasons. Juveniles and males, but not 
females, followed our prediction that liver size would be smaller in winter compared to other 
seasons. Gut size partially followed our prediction that it would be larger in the spring/summer 
compared to the fall/winter, while heart size and body condition generally only followed the winter 
part of this prediction. Significant age-based changes were found in gonad size, carcass size, and 
body condition. Significant sex-based changes among adults were found in gonad, liver, carcass, 
and red spot size.  
 Gonads were the most diverse and plastic Redside Dace organ we measured, with seasonal 
gonad changes present among all three subgroups we analyzed as well as age-based and sex-based 
differences across seasons. Seasonal gonad change in females was the same in this dataset as the 
one we used in Turko et al. (2020), but male gonads here showed more seasonal changes that were 
comparatively more similar to females using the methods in this research study. Gonadosomatic 
index values of adults were slightly smaller to that of a previous Redside Dace research article 
examining a peripheral population of Redside Dace in Minnesota (Dieterman et al., 2018) but the 
fish in this study were definitely in pre-spawn condition. Adult female Redside Dace had 
significantly larger relative gonads than adult males in each season, as is a common trend among 
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freshwater fishes (Barrett et al., 2015; Brasfield et al., 2013; Encina & Granado-Lorencio, 1997; 
Galloway & Munkittrick, 2006; Lenhardt, 1992). This is likely due to their r-selected reproductive 
strategy (less investment in many offspring rather than more investment in a few offspring; Pianka, 
1970) where females produce many eggs that are far larger than sperm. Both adult males and 
females had far larger gonads in the spring compared to other seasons as predicted, but females 
underwent a much more drastic gonad increase of 110% from late-February to early-May 
compared to the 40% increase in this timeframe for males. Many female small-bodied fishes follow 
this trend and undergo drastic gonad increase just prior to their spawning season followed by 
drastic gonad decrease just after spawning (Barrett et al., 2015; Brasfield et al., 2013; Encina & 
Granado-Lorencio, 1997; Galloway & Munkittrick, 2006). One explanation for the gonad increase 
seen in these female fishes being so extreme just prior to spawning rather than gradual throughout 
the year is likely because spawning occurs after winter in the spring or early summer in most 
species, and the winter conditions are likely difficult to consistently acquire energy from prey to 
devote toward any of the four subsystems. This means that female small-bodied fishes potentially 
have to trade-off personal storage of fat reserves leftover in the spring for immediate reproduction 
by producing as many eggs as possible because reproduction in the future is not guaranteed. This 
would be a trade-off between maintenance, storage, and growth with reproduction because growth 
and maintenance also aren’t possible. This potential trade-off is supported by the inverse 
relationship we see between adult female carcass size and their gonad size, where 10.2% of total 
body mass on average appeared to be allocated from fat storage or muscle in the carcass toward 
gonads alone (Table 3.3). Future research could build off this result by comparing gonad size of a 
starved fish with a fed fish prior to the spawning season. Male small-bodied fishes do not appear 
to follow a general trend for seasonal gonad change (Barrett et al., 2015; Galloway & Munkittrick, 
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2006). However, male Redside Dace and males of the closely related Northern Redbelly Dace 
(Chrosomus eos) and Blacknose Dace (Rhinichthys atratulus) follow a similar pattern of seasonal 
gonad change as females (Barrett et al., 2015; Galloway & Munkittrick, 2006) although it is much 
more gradual from season to season compared to females. Male Redside Dace showed substantial 
gonad growth from fall to winter, where 1.04% of total body mass on average appeared to be 
allocated from liver/gut size to gonad size, followed by 1.2% of total body mass on average 
appeared to be allocated from carcass fat and/or muscle to gonad size from winter to spring (Table 
3.3). Adult males and especially adult females appear susceptible to death during the spring with 
lower carcass size due to allocation toward gonad growth indicating decreased fat reserves in the 
carcass during this time. Another predictable gonad result was that adult Redside dace have larger 
relative gonad size than juveniles. Redside Dace often spawn at the age of two and/or three 
(Redside Dace Recovery Team, 2010), therefor juveniles should not need to devote energy into 
reproduction until they reach sexual maturity. An interesting observation of our research was that 
juvenile relative gonad size was significantly larger in late August than late February or early May. 
We initially thought this may have been caused by several small sexually mature one-year-old 
males being mixed into the summer juvenile group because some Redside Dace can reach sexual 
maturity as early as one year of age (Dieterman et al., 2018) and the sizes of our juveniles do 
indicate a mix of young-of-year fish and one-year-old fish when compared to sizes recorded by 
Mckee & Parker (1982). However, after comparing total gonad mass of males and juveniles it was 
clear that this was not the case because all juveniles had much smaller total gonad mass. Therefore, 
based on our data, it appears that juvenile Redside Dace may have early gonadal development in 
the first three months in year zero/one followed by no gonadal growth or gonadal receding over 
the next eight months (Figure 3.1). Alternatively, juveniles may be storing fat in their gonads for 
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the first few months of year zero/one as gonad fats are observed in other fishes (Blanchard et al., 
2005). Juveniles are likely putting all available energy toward bone/muscle growth or body fat 
storage from summer to winter as we see an average relative carcass size increase of 2.8% total 
body mass during this period (Table 3.3).  
 Redside Dace livers showed seasonal change in juveniles and males, as well as sex-based 
differences between adult males and females. It was surprising that females did not follow our 
prediction that livers would be significantly smaller in winter than the other three seasons, while 
juveniles and males did. Female livers did follow our prediction in the Turko et al. (2020) dataset 
and showed the same changes as males, that had the same liver change using the methods in this 
research study. However, the larger liver sizes of juveniles in the summer of 2019 (Turko et al., 
2020) drove a slightly different trend compared to our dataset used here. The trend of smaller 
relative liver size in winter for juveniles and males is a likely indication that glycogen and/or fat 
reserves are being broken down for energy use because winter prey is likely much less abundant. 
This is supported by gut size also decreasing in the winter in all three subgroups (Table 3.3), 
indicating a trade-off between storage and maintenance. Although not statistically significant, liver 
size was also smallest in winter for females with an average of 2.0% of total body mass (TBM) 
compared to 2.09% TBM in summer, 2.33% TBM in fall, and 2.22% TBM in spring (Table 3.3). 
Perhaps the lack of significant difference between seasons could be because adult female Redside 
Dace utilize fat storage in the liver, muscle, gonads, and viscera differently than adult males or 
juveniles. Female European perch (Perca fluviatilis), for example, go through drastic seasonal fat 
storage changes between body parts as well as changes to fatty acid distribution among fat storage 
body parts (Blanchard et al., 2005). Female Redside Dace also maintained a larger relative liver 
size year-round compared to males. This is a common trend among small-bodied fishes (Barrett et 
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al., 2015; Brasfield et al., 2013; Galloway & Munkittrick, 2006) as well as Atlantic cod (Schwalme 
& Chouinard, 1999). Female small-bodied fishes likely need more fat storage across multiple fat 
storage locations to break down for energy use during their drastic gonad size increase prior to the 
spawning season. Indeed, in chub (Leuciscus pyrenaicus), females have higher average somatic 
energy content just prior to their spawning season compared to males (Encina & Granado-
Lorencio, 1997). Juveniles showed the most plasticity in liver size throughout the year. Relative 
liver size of Juveniles in August was larger than any other liver TBM percentage measured in 
males or females. Perhaps juveniles are adapted to create glycogen reserves rapidly, trading off 
growth and maintenance for storage because the winter could be relatively harder for them 
compared to adults as we found body condition in the winter to be significantly lower for juveniles 
than adults. Furthermore, research in chub, another small-bodied fish species living in similar 
habitat to Redside Dace, indicates that juveniles have less average somatic energy content than 
adults in every month of the year (Encina & Granado-Lorencio, 1997). Future research could 
experimentally test how juvenile small-bodied fishes appear to be utilizing liver size changes more 
compared to adults and how this relates to energy expenditure.  
 Gut size was also very plastic in Redside Dace, with seasonal changes occurring in all three 
subgroups we examined, as well as age-based differences. Our prediction that gut size would be 
larger in the spring/summer compared to the fall/winter was accurate for the spring/summer being 
significantly larger than the winter, but it was not accurate when it came to the fall. The idea behind 
this prediction was that the insect prey Redside Dace consume are more abundant in the 
spring/summer than the fall/winter. Throughout the range of the Redside Dace, it is commonly 
known that many Diptera, Trichoptera, and Plecoptera species hatch in the spring and are active 
throughout the summer with many Coleoptera and Hymenoptera species also being most active in 
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the warmer months of the year. August gut contents from Ontario Redside Dace indicate that adult 
dipteran flies are the primary food source during this time of year making up 84.5% of gut content 
volume on average (Mckee & Parker, 1982). Perhaps prey is more abundant in the fall than we 
initially considered as fall gut size did not statistically differ from spring or summer in any of the 
three subgroups we analyzed, although average gut size was slightly smaller in the fall than the 
spring and summer for all three subgroups (Table 3.3). This could potentially be related to the 
known relative abundance of orthopteran species during the late summer and fall. Our results on 
seasonal gut size change indicates that Redside Dace are likely consuming an abundance of prey 
in the spring and summer with a gradual decrease leading into the winter where fasting is 
occurring. These results were essentially the same for adult males and females as our results in 
Turko et al. (2020), however, similar to the liver results, larger juvenile gut sizes in summer of 
2019 drove our Turko et al. (2020) dataset to show a slightly different trend than we found with 
this dataset. Our results of gut mass seasonal change resemble changes to gut size during fasting 
experiments on other fish species (reviewed by Zaldúa & Naya, 2014), indicating that some level 
of fasting occurred over winter. The liver results from our research further supports this 
interpretation, with liver size decrease in the winter likely occurring due to glycogen and liver fat 
reserves being broken down for energy. Based on these results, Redside Dace appear most 
susceptible to starvation or other detrimental physiological damage in the winter. Juvenile gut size 
showed the most seasonal plasticity with spring being significantly larger than all three other 
seasons. Furthermore, the gut size of juveniles in the spring was the only season that caused the 
age-based difference observed between juveniles and adults. One explanation for this could be that 
the smaller floating/suspended prey juveniles feed on (likely ostracods, nematodes, hydrachnids, 
or larval dipteran/trichopteran/orthopteran/odonate species; McKee & Parker, 1982) is far more 
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abundant in the spring than any other season. Juveniles do not jump out of the water for prey the 
same way adults do (personal observations from the field and laboratory) so they compete with 
the other sympatric fishes to capture floating/suspended prey. Among the literature on seasonal 
changes to organs, gut size is commonly researched in tetropods but not ray-finned fishes (Table 
3.1). Future research on fishes with this focus should include seasonal gut size change if we are to 
attain an accurate understanding of how seasonal organ size change is related between organs and 
whether there are common trends among fishes describing potential trade-off patterns.  
 Redside Dace heart size was the least plastic trait, it had very little seasonal change, and 
did not follow our prediction that heart size would be higher in the spring/summer than the 
fall/winter due to the increased exercise to catch prey. Adult Redside Dace are known to catch 
aerial insects (Davidson, 2011; Redside Dace Recovery Team, 2010), which is likely to be very 
energetically demanding exercise for a such a small animal. Adult Redside Dace did follow our 
prediction from winter to spring with both adult males and females experiencing heart hypertrophy 
between the two seasons. These changes could be following the reasoning laid out above, but this 
would not explain why heart size is smaller in the summer compared to the spring. The more likely 
explanation is that winter snow/ice melting caused flooding in the creeks that Redside Dace inhabit 
producing a faster current as water moves downward that caused Redside Dace to have to swim 
faster against it when foraging. Indeed, we observed this spring flooding in the exact watershed 
that the Redside Dace from this research article were found, as well as many others, where water 
level was approximately three to five times higher than summer conditions (personal observation). 
Similar to gut size, seasonal heart size changes are commonly researched in tetropods but not ray-
finned fishes (Table 3.1). Future research on fishes with this focus should include seasonal heart 
size change if we are to attain an accurate understanding of how seasonal organ size change is 
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related between organs and whether there are common trends among fishes describing potential 
trade-off patterns. 
 Carcass size appeared to be a very diverse measure in this dataset, but upon closer 
examination it generally followed the inverse pattern of the largest organ in each subgroup. This 
is due to the fact that the largest organ in each subgroup, either gut size for juveniles or gonad size 
for adult males and females, were also highly seasonally plastic. With carcass size being a simple 
measure of the remaining body parts after dissection of the four focal organs, and all measures 
being body mass corrected, it makes sense that carcass size would follow the inverse of the largest 
organ in each subgroup because if that organ is getting larger than it must indicate that some other 
body part is getting smaller. The body mass corrected method used in this research study caused 
very different results when comparing to our Turko et al. (2020) dataset that corrected organ sizes 
with standard length. Adults males showed no seasonal carcass differences in our Turko et al. 
(2020) dataset, adult females had larger carcasses in summer and fall of 2018 than winter, spring, 
and summer of 2019, and juveniles had larger carcass sizes in summer of 2019 than any other 
season except summer of 2018 that was larger than winter 2019. The differences in results between 
our two datasets demonstrate the benefit of body mass correcting over standard length correcting 
because body mass correcting more accurately shows how body mass is being distributed among 
different body parts. Juveniles for example, show an inverse trend between the two methods 
because the carcass weighs less in the winter, but the body-mass correction demonstrates that even 
though the overall weight is less, most of the weight is in the carcass rather than the other organs 
measured. Carcass size gives us a vague understanding of how energy is allocated to a combination 
of bone, muscle, integument, and fat storage. We can assume bone and integument don’t have as 
drastic changes as muscle and fat storage in adults. For these reasons, carcass size change does not 
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have important implications on its own, but it is important for interpreting broad changes related 
to muscle/fat storage and comparing this to organ sizes so that we have a general understanding of 
how energy is being allocated.  
 Seasonal changes to body condition occurred in juveniles and females, and age-based 
differences in body condition were found during winter and spring. We predicted that body 
condition would be higher in the spring/summer than the fall/winter due to higher prey abundance. 
Juvenile body condition was lower in the winter and spring than the summer and fall, while adult 
female body condition was lower in the winter than the fall only. Seasonal changes to Fulton’s 
body condition showed the same trends in adults in this dataset and our Turko et al. (2020) dataset, 
but juveniles showed a slightly different trend driven by an outlier in the fall of our Turko et al., 
(2020) datast. Changes in Fulton’s body condition represent a change in mass per body length, 
indicating a proxy for change in available energy per body size, making it a predictor for fat and 
protein content (Pangle & Sutton, 2004; Turko et al., 2020). Therefore, our results indicate that 
adult female Redside Dace have more available energy in fall compared to winter and juveniles 
have more available in energy in the summer/fall compared to winter/spring. This is an especially 
interesting result for juveniles because they have significantly larger gut size in spring compared 
to other seasons, indicating juveniles are consuming more food but potentially allocating it quickly 
toward growth. Indeed, standard length increased 2.8mm from winter to spring on average, 
indicating they might be trading-off storage and maintenance for growth. Overall, these results 
support the idea previously mentioned that Redside Dace appear most susceptible to starvation or 
other detrimental physiological damage in the winter. Fall Redside Dace having significantly 
higher body condition than winter may indicate that adult female and juvenile Redside Dace are 
likely allocating most of their energy toward storage/maintenance rather than growth or 
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reproduction to survive winter. Juvenile chubs show similar results to juvenile Redside Dace with 
a body condition increase from July to October, followed by a gradual decrease afterward 
throughout winter and spring (Encina & Granado-Lorencio, 1997). Adult chubs do not follow the 
same trends as Redside Dace, with a gradual decrease from April to August followed by gradual 
increase from August to March (Encina & Granado-Lorencio, 1997). Furthermore, juvenile chubs 
appear to have lower body condition than adults year-round (Encina & Granado-Lorencio, 1997). 
This is different than our result with Redside Dace where juvenile body condition was only 
significantly lower in winter and spring than adults.  
 Seasonal relative red spot area did not change as one would predict. The red spot area of 
adult Redside dace is known to become larger during the spawning season, especially in males 
(Beausoleil et al., 2012). Thus, one would predict either a gradual increase in red spot area 
throughout the year leading up to the spawning season, or a significant increase in spring relative 
red spot size compared to other seasons. It was interesting that we found no difference in seasonal 
red spot size in females, and we found that red spot size was higher in winter than summer/fall in 
males. Carotenoid body colouration is attained from prey and considered an indicator of nutritional 
status in fishes (Barber et al., 2000; Turko et al., 2020). Thus, it is very puzzling that male Redside 
Dace would have an indication of the highest nutritional status during winter, when insect prey is 
likely much less available, and we found evidence for gut shrinkage. Perhaps it is not the nutritional 
status in general, but the type of prey males were consuming during the winter because carotenoids 
are present at different levels in different prey. Although one might expect females to show similar 
results if this were the case. Alternatively, the red spot size change in males could be related to the 
critical thermal maximum (CTmax) experiments we performed on these fish prior to taking the 
photos used to measure red spot size (Turko et al., 2020). The red spot area of Redside Dace 
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qualitatively appeared to decrease after CTmax experiments, as well as other stressful situations 
such as transportation and the experiments performed in chapter two (personal observations). The 
limitation of having to collect red spot area after CTmax experiments makes our results about 
seasonal red spot area change potentially unreliable. 
 The research presented in this chapter should not be considered definitive evidence due to 
limitations. It would have been ideal to have sampling more often than once a season because finer 
time scale changes give a more accurate depiction of how organs are changing and have been 
observed in other fishes (Barrett et al., 2015; Brasfield et al., 2013; Blanchard et al., 2005; Encina 
& Granado-Lorencio, 1997; Galloway & Munkittrick, 2006; Henderson et al., 2000; Lenhardt, 
1992; Rinchard & Kestemont, 1996; Schwalme & Chouinard, 1999). However, sampling once a 
season presents an excellent first step for future research to build from because interesting seasonal 
changes were found. Although all Redside Dace in this research chapter experienced the same 
CTmax experimental protocol prior to dissection, it is possible and important to consider that these 
experiments could potentially confound results.  
 Despite the limitations associated with our research, we have provided useful information 
for Redside Dace conservation. Our research indicates that Redside Dace are most susceptible 
during the winter with decreased liver size, gut size, and body condition pointing toward a 
starvation period that requires Redside Dace to give up storage for maintenance. This result further 
supports the idea that Redside Dace diet, and how it changes seasonally, is an important research 
topic still needed in understanding Redside Dace threats (Redside Dace Recovery Team, 2010). 
With urban development and agricultural activities being listed as the most important threats to 
Redside Dace in Ontario (Redside Dace Recovery Team, 2010), it is important to focus on 
conservation practices that promote the survival of the winter starvation. Stormwater runoff from 
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urbanization and agriculture does not appear to be a major current threat to Redside Dace thermal 
physiology (Turko et al., 2020; Chapter two results), however, it could decrease Redside Dace 
foraging performance through lower visibility (Redside Dace Recovery Team, 2010) leading to 
winter death from starvation and lack of fat reserves. Our research also confirms the importance 
of the spring season in Redside Dace, not only because of the importance of spawning in adults, 
but also our results indicating a potential importance for juvenile foraging performance toward 
growth. Adult Redside Dace go through drastic gonad increase prior to spawning that likely leaves 
them susceptible to death, especially in females. Ensuring there is proper habitat for adults to 
spawn that has not been altered by urbanization is critical for population increase. The importance 
of appropriate spring conditions is amplified by our results indicating that juvenile Redside Dace 
may be going through important growth during this time with drastic gut size increase and lower 
body condition. Specific conservation applications based on our data would be difficult to 
implement because we still need to learn more about Redside Dace spawning and seasonal diet. 
Our results give general knowledge of the potential susceptibility to population decline in the 
winter and spring that future research can build from ours by identifying how dependent Redside 
Dace spawning is on their interspecific nest-using behaviour and by identifying whether habitat 
alterations in areas of Redside Dace decline are related to spawning or prey population change that 
could affect Redside Dace survival over-winter. For example, multi-generational experimental 
populations of Drosophila Melanogaster indicates that season-specific habitat loss has a 
relationship with population decline and unique signals can be indicative of the season of loss 
(Burant et al., 2019).  
 We found seasonal changes in Redside Dace gonad, liver, gut, heart, and carcass size that 
is important information regarding their seasonal susceptibility to populatio decline. We 
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contributed to an insufficient body of literature examining seasonal organ size change as well as 
adding observations to help fill two identified literature gaps where juveniles and the dissection of 
heart and gut is often not collected in similar research on fish species. Our results indicate that 
Redside Dace are most susceptible to population decline in the winter and spring, leading to 
important conservation implications for this species during these times of year. Although there 
were limitations on this research, this information is important for conservation of Redside Dace 
and using Redside Dace as a conservation model for other fish species.  
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Figure 3.1 Boxplots displaying seasonal changes to juvenile Redside Dace (Clinsotomus 
elongatus) GSI (top left), HSI (top right), gut ratio (middle left), carcass ratio (middle right), and 
body condition (bottom). Circles outside the boxplot whiskers are outliers between 1.5-3.0 times 
the interquartile range. GSI, HSI, gut ratio, and carcass ratio are all body mass corrected, making 
them a percentage of total body mass. GSI is the gonadosomatic index. HSI is the hepatosomatic 
index. Gut ratio included the entire digestive tract as well as the contents insides. Carcass ratio is 
a measure of the remaining carcass (entire remaining body) after dissection of the gonad, liver, 
gut, and heart. Date of sampling on each x-axis is in chronological order. August, November, 
February, and May represent proxy measurements for summer, fall, winter, and spring seasons 
respectively. Any difference in letters associated with each boxplot sampling date indicates a 






Figure 3.2 Boxplots displaying seasonal changes to adult female Redside Dace (Clinsotomus 
elongatus) GSI (top left), gut ratio (top right), heart ratio (middle left), carcass ratio (middle 
right), and body condition (bottom). Circles outside the boxplot whiskers are outliers between 
1.5-3.0 times the interquartile range. GSI, gut ratio, heart ratio, and carcass ratio are all body 
mass corrected, making them a percentage of total body mass. GSI is the gonadosomatic index. 
HSI is the hepatosomatic index. Gut ratio included the entire digestive tract as well as the 
contents insides. Carcass ratio is a measure of the remaining carcass (entire remaining body) 
after dissection of the gonad, liver, gut, and heart. Date of sampling on each x-axis is in 
chronological order. August, November, February, and May represent proxy measurements for 
summer, fall, winter, and spring seasons respectively. Any difference in letters associated with 






Figure 3.3 Boxplots displaying seasonal changes to adult male Redside Dace (Clinsotomus 
elongatus) GSI (top left), HSI (top right), gut ratio (middle left), heart ratio (middle right), 
carcass ratio (bottom left), and red spot ratio (bottom right). Circles outside the boxplot whiskers 
are outliers between 1.5-3.0 times the interquartile range. GSI, HSI, gut ratio, heart ratio, and 
carcass ratio are all body mass corrected, making them a percentage of total body mass. GSI is 
the gonadosomatic index. HSI is the hepatosomatic index. Gut ratio included the entire digestive 
tract as well as the contents insides. Carcass ratio is a measure of the remaining carcass (entire 
remaining body) after dissection of the gonad, liver, gut, and heart. Date of sampling on each x-
axis is in chronological order. August, November, February, and May represent proxy 
measurements for summer, fall, winter, and spring seasons respectively. Any difference in letters 
associated with each boxplot sampling date indicates a statistically significant difference 
between seasons.  
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Table 3.1 Summary of current literature testing seasonal organ size changes in vertebrates. Organs listed are limited to gonad, liver, 
heart, and gut because these are the same measures used in this research chapter. Species studied are grouped by class. Sample size is 
presented as a comparison between articles. Interpretations are noted beside the organ and were necessary when no statistically 
















Gut: winter/spring/fall > summer 
Heart: fall/winter > spring/summer 
8-11 males 
per season 





Gut (intestine but not stomach): summer > spring 














Zheng et al., 
2014 
Heart: winter > spring/summer/fall 
Spring/fall > summer 
Liver: none 






Naya et al., 
2010 
Gut: summer > fall/winter/spring 
Liver: summer > fall/winter/spring 
winter > spring 
Heart: spring > summer 






Naya et al., 
2009 
Gut: summer > winter 
Liver: summer > winter 
Heart: winter > summer 
Testes: winter > summer 











Testes (interpretation): fall/winter/spring > summer 
Ovaries (interpretation): spring > winter > fall > summer 
Male Liver (interpretation): winter/spring/summer > fall 


























































Ovaries (interpretation): spring/summer > fall/winter 5-40 females 
per season 





Liver: spring > fall/winter 




Rock Cook (C. 
exoletus) 
Sayer et al., 
1996 
Male liver: fall/winter/spring > summer 





Sayer et al., 
1996 
Male liver: none 






Female liver (interpretation): winter > spring > summer/fall 
Male liver (interpretation): winter > spring/summer > fall  
Ovaries (interpretation): spring > winter > fall > summer 







Female liver (interpretation): winter > spring > summer/fall 
Male liver (interpretation): winter > fall > spring/summer 
Ovaries (interpretation): spring > summer > fall/winter 







Female liver (interpretation): spring > summer 
Male liver (interpretation): none 
Ovaries (interpretation): spring > summer 







Female liver (interpretation): spring > summer 
Male liver (interpretation): none 
Ovaries (interpretation): spring > fall > summer 









































Female liver (interpretation): spring > summer 
Male liver (interpretation): none 
Ovaries (interpretation): spring > fall > summer 







Female liver (interpretation): fall > spring > summer 
Male liver (interpretation): fall > spring/summer 
Ovaries (interpretation): spring > summer/fall 







Female liver (interpretation): none 
Male liver (interpretation): none 
Ovaries (interpretation): spring > summer/fall 







Female liver: spring > summer 
Male liver: summer > spring 
Ovaries: spring > summer 









Female liver: none 









Female liver: monthly changes but no clear seasonal changes 









Female liver: fall > spring/summer 
Male liver: fall > summer > spring 
Ovaries: spring > summer/fall 









Ovaries (interpretation): summer > spring > fall/winter 






(P. flavescens)  
Henderson 
et al., 2000 
Female and Male liver (interpretation): complex pattern with 
peaks in July and winter 


















et al., 2005 
Female liver (interpretation): summer > fall/winter/spring 
Ovaries (interpretation): winter/spring > summer/fall 
12 females 
per month (7 
months) 




Female liver (interpretation): winter > fall > spring/summer 
Male liver (interpretation): winter > fall/spring/summer 
Ovaries (interpretation): winter > fall > spring/summer 










Female and male liver (interpretation): fall/summer > winter > 
spring 
Ovaries (interpretation): spring > winter > summer > fall 






Table 3.2 Number of Redside Dace (Clinostomus elongatus) sampled in each group of adult male, adult female, or juveniles for each 




 Number of Redside Dace Sampled With Means (Ranges) for Each Variable 
Group August 2018 November 2018 February 2019 May 2019 
Juvenile 15 13 10 15 
Adult Female 14 16 11 16 




Table 3.3 Summary of the mean and range values for GSI, HSI, gut ratio, heart ratio, and carcass ratio. GSI, HSI, gut ratio, heart ratio, 
and carcass ratio are all body mass corrected ([variable/fixed mass] *100), making them a percentage of total body mass. GSI is the 
gonadosomatic index. HSI is the hepatosomatic index. Gut ratio included the entire digestive tract as well as the contents insides. 
Carcass ratio is a measure of the remaining carcass (entire remaining body) after dissection of the gonad, liver, gut, and heart. Body 
condition was measured as Fulton’s condition factor (fresh mass/standard length3). Red spot ratio was standard length corrected ([Red 
spot area/standard length] *100). August, November, February, and May represent proxy measurements for summer, fall, winter, and 
spring seasons respectively. Any difference in superscript letters indicates a statistically significant difference between proxy-seasons 




 Means (Ranges) Per Season 
August 2018 November 2018 February 2019 May 2019 
Variable - Juvenile  
Standard length(cm) 3.99 (3.01-4.47)A 4.14 (3.62-4.41)AB 4.14 (3.29-4.55)AB 4.42 (3.95-4.88)B 
Fixed mass (g) 0.70 (0.27-1.06)AB 0.66 (0.38-0.85)AB 0.53 (0.29-0.66)A 0.77 (0.49-1.09)B 
Gonad (GSI) 0.82 (0.16-1.48)B 0.60 (0.24-1.00)AB 0.38 (0.11-0.69)A 0.43 (0.090-0.90)A 
Liver (HSI) 2.52 (1.77-3.54)C 2.17 (1.56-3.64)BC 1.36 (1.06-1.74)A 1.99 (1.57-2.74)B 
Gut ratio 5.23 (4.24-6.99)B 4.45 (3.12-5.62)AB 3.47 (3.45-5.43)A 6.19 (4.83-7.85)C 
Heart ratio 0.31 (0.23-040) 0.31 (0.17-0.50) 0.27 (0.23-0.28) 0.34 (0.22-0.45) 
Carcass ratio 91.1 (89.1-92.4)A 92.5 (89.7-93.9)B 93.9 (92.8-94.6)B 91.1 (89.1-92.3)A 
Body condition 1.08 (0.97-1.20)B 1.15 (0.98-1.29)B 0.90 (0.80-1.01)A 0.93 (0.79-1.13)A 
Variable - Adult Female 
Standard length(cm) 7.60 (6.71-8.89)A 7.60 (6.63-8.81)A 8.17 (7.51-8.93)B 7.40 (6.78-7.84)A 
Fixed mass (g) 4.71 (3.60-6.51)AB 4.91 (2.97-7.88)AB 5.37 (3.74-7.15)B 4.31 (3.08-5.64)A 
Gonad (GSI) 4.56 (3.56-6.72)A 9.18 (5.79-11.4)B 9.29 (8.50-10.4)B 19.5 (10.5-24.2)C 
Liver (HSI) 2.09 (1.51-2.91) 2.33 (1.64-2.90) 2.00 (1.52-2.38) 2.22 (1.70-2.71) 
Gut ratio 5.08 (3.95-6.31)B 4.41 (3.45-5.50)AB 4.00 (3.12-5.24)A 4.76 (3.43-6.01)B 
Heart ratio 0.29 (0.19-0.35)AB 0.33 (0.23-0.48)B 0.24 (0.20-0.28)A 0.34 (0.20-0.54)B 
Carcass ratio 88.0 (85.3-89.8)C 83.7 (80.9-86.7)B 84.5 (83.5-85.5)B 73.2 (68.9-81.1)A 
Body condition 1.09 (0.97-1.20)AB 1.18 (1.05-1.32)B 1.06 (0.94-1.18)A 1.12 (0.97-1.29)AB 
Red spot ratio 7.22 (0.67-15.64) 5.79 (0.88-13.00) 8.55 (3.01-15.23) 7.18 (2.34-14.26) 
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Variable - Adult Male  
Standard length(cm) 7.44 (6.82-8.22) 7.54 (6.31-8.84) 7.55 (6.90-7.93) 7.41 (6.49-8.11) 
Fixed mass (g) 4.36 (3.20-5.57) 4.60 (2.06-7.97) 4.27 (3.15-5.13) 4.32 (2.67-5.24) 
Gonad (GSI) 1.51 (0.82-2.71)A 1.90 (0.54-2.95)AB 2.94 (2.30-3.43)B 4.14 (1.26-6.12)C 
Liver (HSI) 1.79 (1.19-2.39)B 1.77 (1.28-2.08)B 1.20 (1.15-2.24)A 1.73 (1.38-2.18)B 
Gut ratio 4.75 (3.57-5.83)B 4.46 (3.75-5.76)B 3.48 (2.85-3.87)A 4.58 (3.12-6.32)B 
Heart ratio 0.29 (0.10-0.49)A 0.29 (0.21-0.43)A 0.28 (0.19-0.40)A 0.42 (0.24-0.63)B 
Carcass ratio 91.7 (89.9-92.7)B 91.6 (90.4-93.5)B 92.1 (91.4-93.0)B 89.1 (86.4-91.5)A 
Body condition 1.10 (0.87-1.35) 1.11 (0.89-1.32) 1.10 (0.98-1.27) 1.13 (1.01-1.22) 
Red spot ratio 11.2 (2.29-15.7)A 10.4 (5.00-14.5)A 15.6 (11.0-21.5)B 14.4 (5.96-18.1)AB 
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Table 3.4 Summary of results from ANOVAs (parametric variables) and Kruskal-Wallis tests (non-parametric variables) analyzing 
the difference in relative organ weights, body condition, and red spot ratio between each season within juvenile-only, adult female-
only, and adult male-only datasets of Redside Dace (Clinostomus elongatus). GSI, HSI, gut ratio, heart ratio, and carcass ratio are all 
body mass corrected, making them a percentage of total body mass. GSI is the gonadosomatic index. HSI is the hepatosomatic index. 
Gut ratio included the entire digestive tract as well as the contents insides. Carcass ratio is a measure of the remaining carcass (entire 
remaining body) after dissection of the gonad, liver, gut, and heart. Red spot ratio is a length corrected measure of the red spot area. 
Body condition was measured as Fulton’s condition factor. Variables were considered parametric if Shapiro-Wilk values were P>0.05 
and were listed (P=parametric). P-values <0.05 are denoted with *, <0.01 are denoted with **, <0.001 are denoted with ***. Bolded 
















GSI (gonad) 0.022 3, 51 13.24 0.0041** 0.26 
HSI (liver) 0.058 (P) 3, 52 12.10 <0.0001*** 0.43 
Gut ratio 0.49 (P) 3, 52 15.95 <0.0001*** 0.50 
Heart ratio 0.089 (P) 3, 49 2.71 0.056 0.15 
Carcass ratio 0.41 (P) 3, 52 16.97 <0.0001*** 0.52 
Body condition 0.086 (P) 3, 48 20.15 <0.0001*** 0.58 
Adult Female-Only Dataset 
GSI (gonad) 4.50x10-5 3, 57 46.93 <0.0001*** 0.84 
HSI (liver) 0.44 (P) 3, 57 1.83 0.15 0.094 
Gut ratio 0.33 (P) 3, 55 5.72 0.0019** 0.25 
Heart ratio 0.0012 3, 56 15.24 0.0016** 0.28 
Carcass ratio 4.30x10-5 3, 56 46.11 <0.0001*** 0.84 
Body condition 0.18 (P) 3, 56 4.82 0.0049** 0.22 
Red spot ratio 0.079 (P) 3, 50 0.93 0.44 0.057 
Adult Male-Only Dataset 
GSI (gonad) 0.0020 3, 53 29.53 <0.0001*** 0.57 
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HSI (liver) 0.21 (P) 3, 51 11.90 <0.0001*** 0.43 
Gut ratio 0.94 (P) 3, 52 8.10 1.80x10-4*** 0.34 
Heart ratio 0.0041 3, 52 15.27 0.0016** 0.30 
Carcass ratio 0.0036 3, 53 25.29 <0.0001*** 0.49 
Body condition 0.92 (P) 3, 52 0.41 0.75 0.025 
Red spot ratio 0.035 3, 51 5.83 0.0015** 0.12 
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Table 3.5 Summary of results from ANOVAs (parametric variables) and Kruskal-Wallis tests (non-parametric variables) analyzing 
the difference in relative organ weights and body condition between juveniles and adults, as well as the differences between male and 
female adult Redside Dace (Clinostomus elongatus) over the course of one year. GSI, HSI, gut ratio, heart ratio, and carcass ratio are 
all body mass corrected, making them a percentage of total body mass. GSI is the gonadosomatic index. HSI is the hepatosomatic 
index. Gut ratio included the entire digestive tract as well as the contents insides. Carcass ratio is a measure of the remaining carcass 
(entire remaining body) after dissection of the gonad, liver, gut, and heart. Red spot ratio is a length corrected measure of the red spot 
area. Body condition was measured as Fulton’s condition factor. Variables were considered parametric if Shapiro-Wilk values were 
P>0.05 and were listed (P=parametric). P-values <0.05 are denoted with *, <0.01 are denoted with **, <0.001 are denoted with ***. 
















Juveniles compared to adults 
GSI (gonad) 8.04x10-15 1, 163 97.06 <0.0001*** 0.60 
HSI (liver) 2.58 x10-4 1, 163 2.18 0.14 0.013 
Gut ratio 8.70 x10-5 1, 163 6.43 0.011* 0.040 
Heart ratio 1.0 x10-6 1, 161 0.0038 0.95 2.4x10-5 
Carcass ratio 1.31 x10-13 1, 163 48.20 <0.0001*** 0.30 
Body condition 0.074 (P) 1, 161 21.61 <0.0001*** 0.14 
Males compared to females 
GSI (gonad) 4.16x10-10 1, 110 70.19 <0.0001*** 0.64 
HSI (liver) 0.14 (P) 1, 110 62.32 <0.0001*** 0.57 
Gut ratio 0.47 (P) 1, 108 2.03 0.16 0.019 
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Heart ratio 1.20x10-5 1, 109 0.60 0.44 0.0041 
Carcass ratio 1.91x10-9 1, 109 73.59 <0.0001*** 0.68 
Body condition 0.39 (P) 1, 109 0.0011 0.97 0.0090 





 The overall objective of this thesis was to gain an understanding of the relationship 
between temperature and Redside Dace sperm movement, as well as gain an understanding of 
organ size seasonal plasticity and how this may be related to Redside Dace decline. We did not 
find an effect of temperature on Redside Dace sperm movement at the temperature range 
examined. We did find seasonal changes to the gonad, liver, gut, heart, and carcass. This chapter 
is a further summary of the most important findings in Chapters 2/3, a consideration of the 
research limitations in each chapter, the impact of that research chapter, and directions for future 
research or conservation perspectives. 
Chapter 2 
Summary 
 The following logical thinking inspired chapter 2: premise 1) urbanization is considered 
to be the predominant threat to Redside Dace and primary cause of their decline in Ontario 
(Redside Dace Recovery Team, 2010); premise 2) urban areas heat surrounding watersheds with 
acute storm-water runoff temperature surge events (Hester & Bauman, 2013; Nelson & Palmer, 
2007); premise 3) acute temperature change has observed negative effects on sperm quality in 
several animal taxa (Walsh et al., 2018), including multiple fish species (Fenkes et al., 2017; 
Lahnsteiner & Monsour, 2012; Vladic & Jarvi, 1997); conclusion) it seems possible, and worth 
testing to see if a temperature surge event would negatively impact Redside Dace sperm and 
potentially be a cause of population decline. I found no evidence to support my hypothesis that 
acclimation or activation water temperature are linked to Redside Dace sperm velocity through 
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increasing energy demand at higher temperatures. However, I did find that date of capture prior 
to spawning had significant effects on sperm velocity, linearity, and the percentage of motile 
sperm.  
Limitations 
 Chapter 2 had problematic limitations, specifically those to do with sample size, that 
must be considered when assessing the results and impact of this chapter. Total sample sizes 
would have ideally been higher. Although sample size for the nine second dataset was actually 
higher than most articles published on this topic (Table 2.1), testing differences between three 
temperature groups with a total sample size of 36, 17, or 16 (Table 2.6) is not ideal. This is even 
more problematic when testing differences between five dates or in a full model with three fixed 
factors and one covariate with total sample sizes of 35, 16, or 15 (Table 2.7; Table 2.8). These 
sample sizes are problematic because the true statistical power is directly affected by the sample 
size (Button et al., 2013; Lakens, 2013; Yuan & Maxwell, 2005). Underpowered discoveries that 
meet a significant alpha threshold may exaggerate the magnitude of that effect (Button et al., 
2013). ANOVAs that incorporate within-subject effects have previously demonstrated to have 
inherently higher estimated effect sizes, measured through partial eta squared in SPSS (Lakens, 
2013). The low sample sizes in chapter 2 mean that the sample population may not accurately 
represent the overall population. It is always ideal to have a larger sample size because it affects 
the power, however, there was enough power to detect a day effect but not treatment effects in 
both datasets. When comparing P-values with the Bonferroni correction values we can see that 
the effects identified are not very definitive and some may have potentially occurred from chance 
alone. It is important to understand these statistical limitations when interpreting chapter 2. 
Research Impact and Future Directions 
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 My results from chapter 2 indicate overall that a temperature surge during the spawning 
season does not appear to be a major threat to Redside Dace sperm movement. Temperature 
surge events do not appear to be a direct threat to Redside Dace with respect to their current 
thermal safety margins (Turko et al., 2020), nor does it appear that it would affect sperm 
movement. However, this does not mean that temperature surge events can be ruled off as a 
threat to population decline because they have also been observed effecting eggs in several 
invertebrate species (Walsh et al., 2019), as well as causing transgenerational effects in the 
European Whitefish (Coregonus lavretus) and the Red Flour Beetle (Tribolium castaneum; 
Kekäläinen et al., 2018; Sales et al., 2018). Future research can test whether a temperature surge 
would affect eggs or offspring in Redside Dace if we want to definitively cross thermal effects 
off the list as a predominant threat to Redside Dace population decline; this can be applied to any 
species in general as temperature effects from urban heat islands and climate change becomes a 
growing concern (Brans et al., 2018; Oke, 1973; Rizwan et al., 2008; Walsh et al., 2019). 
Furthermore, research looking to test the effect of temperature on sperm in fishes can apply the 
methods used in this research chapter by incorporating both activation and acclimation 
temperature effects into a factorial experimental design since acclimation temperature effects on 
fish sperm is much less published in the literature. Positive methodological indications from 
chapter 2 for future research were that the experimental procedure I performed did not appear to 
have a stress effect on sperm movement, and time sperm spent on ice did not have a negative 
effect on sperm movement. From an application of conservation perspective, the lack of a water 
temperature effect on sperm movement shown in chapter 2, and the various observed 
temperatures of Redside Dace spawning, is positive if we are to develop a captive breeding 
program to re-introduce Redside Dace as other successful conservation efforts have done (Sodhi 
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et al., 2011) and it has previously been listed as a priority for Redside Dace conservation 
(Redside Dace Recovery Team, 2010). It’s a positive result because it indicates that male 
Redside Dace have a broad range of temperature conditions that will not affect their sperm 
movement. This may be beneficial with respect to focusing captive breeding efforts into other 
aspects such as maximizing body condition, that I found had a positive correlation to sperm 
velocity in the nine second dataset, or alternatively focusing on conditions that will maximize 
egg quality. Redside Dace spawning behaviour and physiological tolerances were previously 
identified as research needs for successful conservation application, with research in 
physiological tolerance listed as a high priority (Redside Dace Recovery Team, 2010). Results 
from chapter 2 address these research needs by indicating that male Redside Dace are 
physiologically tolerable to acute water temperature changes from approximately 11.8-24.0ºC 
during the spawning season, at least from a sperm movement perspective.  
 Rapid daily changes in Redside Dace sperm movement were evident in chapter 2. This 
was an unexpected but interesting result because I did not set out to test this. The literature 
indicates that intra-spawning season changes to sperm movement occur in wild fishes as well as 
captive fishes (Babiak et al., 2006; Butts et al., 2010; Fenkes et al., 2017; Reviewed by Johnson, 
2012; Rouxel et al., 2008), but changes have primarily been observed over multiple weeks and 
not days as I have found. This could be due to data in the literature on seasonal changes to sperm 
quality not being collected at the daily timeframe. Many fish species have spawning seasons that 
last one or two months, whereas Redside Dace and many other small-bodied stream-dwelling 
fishes have much shorter spawning seasons (Barrett et al., 2015; Galloway & Munkittrick, 2006). 
Discontinuous spermatogenesis (Johnson, 2012; Rouxel et al., 2008) along with ATP content, 
enzymatic activity, hormonal regulation, secretory activity, maturation, stress, diet, and sperm 
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morphology are all potentially physiological causes of sperm movement change, with 
temperature, salinity, and photoperiod as potential abiotic mechanisms (Alavi et al., 2008, as 
cited in Butts et al., 2010). Understanding how these physiological or abiotic environmental 
changes cause sperm movement change at all temporal scales is something that vitally needs 
more research if we are to gain an understanding of sperm movement in general. Future research 
could test a general link between spawning period and how rapid sperm movement changes or 
test how sperm movement changes correlate with day to day physiological or abiotic changes.  
Chapter 3 
Summary 
 Chapter 3 was initially conceptualized with the basis that we were already collecting 
seasonal data on Redside Dace thermal tolerance for research project that is now published 
(Turko et al., 2020) because physiological tolerances were listed as a research need for Redside 
Dace conservation (Redside Dace Recovery Team, 2010). With this opportunity, we felt like 
understanding seasonal organ size change can provide useful insights into when during the year, 
and how Redside Dace are susceptible from a broad organ perspective. We found evidence to 
support the hypothesis from Naya et al. (2010), that extreme seasonal environmental fluctuations 
will correspond to a high degree of related seasonal organ size changes. Gonads, guts, livers, and 
carcasses showed a high dree of seasonal plasticity in Redside Dace. Based on our overall 
results, Redside Dace appear most susceptible in the winter, with spring being vital for both 
spawning in adults and growth in juveniles.  
Limitations  
 Several limitations are important to consider when interpreting chapter 3. Firstly, we only 
collected samples once a season and used this as a proxy for seasonal morphology change. More 
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frequent sampling likely would have given a more accurate depiction of changes throughout the 
year as previous research on fishes has demonstrated (Barrett et al., 2015; Brasfield et al., 2013; 
Blanchard et al., 2005; Encina & Granado-Lorencio, 1997; Galloway & Munkittrick, 2006; 
Henderson et al., 2000; Lenhardt, 1992; Rinchard & Kestemont, 1996; Schwalme & Chouinard, 
1999). As previously mentioned, data for chapter 3 was being collected for the paper by Turko et 
al. (2020). We planned sampling once per season for that research project to get a general idea of 
how thermal tolerance was changing because finer time scales were less important. One sample 
per season was enough to detect significant morphology changes, as it has been in other taxa 
(Naya et al., 2010), making it an excellent starting point and gives broad perspective of 
morphology change. Secondly, the CTmax protocol that each fish experienced in chapter 3 could 
have affected organs in seasonal ways. For example, glycogen, fats, or muscle may have been 
stored differently and broken down differently during the CTmax experiments in different ways 
for Redside Dace in each season or between our three groups of Redside Dace. Specifically, 
carcass size, liver size, and body condition would be affected the most if this were the case 
because they are the primary places of glycogen, fats, and muscle storage. Thirdly, there were 
statistical boundaries to overcome in this chapter as well. About half of the variables examined in 
this chapter were normally distributed (16/33) with the other half being non-normally distributed 
(17/33). This presented two options, either report results from non-parametric tests (Kruskal-
Wallis) for those 17 variables or transform them and run ANOVAs. I have a tough time 
rationalizing logarithmic transformations of data because it alters it in relation to the original data 
in confusing ways as others have pointed out (Feng et al., 2012). However, there are simpler 
transformations such as square or square root transformations. The major drawback of Kruskal-
Wallis (KW) tests is that the spread of the data changes because of the rank-system it 
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implements, this loses information and could decrease the power (Chan & Walmsley, 1997; Van 
Hecke, 2010). However, simulations demonstrate that the power of KW tests are higher than 
ANOVAs when using non-symmetrical distributions (Van Hecke, 2012). I decided that the best 
way to do my due diligence was to run and compare KW tests, as well as both pre- and post-
transformation ANOVAs (Appendix 1.1). These comparisons indicated a few things: 1) simple 
transformations often didn’t increase the Shapiro-Wilk value above the 0.05 threshold, 2) P-
values from KW tests were predominantly higher than both ANOVA tests indicating that it is a 
more conservative rejection of the null hypothesis when lower than the alpha of 0.05, 3) effect 
sizes were often quite similar among all three methods (Appendix 1.1). For these reasons, I 
decided it was more logical and appropriate to report results from KW tests in Tables 3.4 and 
3.5. Another statistical limitation in this chapter was the difference in sample sizes between 
juveniles (n=53) and adults combined (n=110) when assessing differences between these groups. 
Lastly, juveniles appear to be a mix of young of year fish and one-year+ fish when comparing 
standard length and fresh mass of Redside Dace reported by Mckee & Parker (1982). This is a 
limitation because different aged fish are going through different developmental stages and likely 
allocating internal energy to body parts differently. All four of these limitations should be 
considered when interpreting the results from chapter 3. 
Research Impact and Future Directions 
 We found clear seasonal changes in Redside Dace morphology, as well as age and sex 
based morphological differences. This is important information for Redside Dace conservation 
because it provides life history physiology and feeding behaviour insights. Winter gut shrinkage 
in adult males, adult females, and juveniles, liver shrinkage in adult males and juveniles, and 
lower body condition in adult females and juveniles collectively point toward a possible winter 
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starvation period that would make Redside Dace susceptible to death. Spring is also an important 
time of year for Redside Dace population increase due to the vast amounts of energy adults, 
especially adult females, are allocating toward gonad growth for reproduction as well as the 
Juvenile growth and development indicated by an increase in average body length and gut size, 
and lower average body condition. With habitat protection listed as the highest priority in 
Redside Dace conservation (Redside Dace Recovery Team, 2010), our results indicate that 
habitat protection during winter and spring may have the best results if seasonal application is 
necessary. This may be cost effective as well since people are less active during these seasons 
and urban construction in more likely to occur in warmer months of the year. Future research on 
Redside Dace can build from our results by identifying seasonal diet types and abundance to give 
a more accurate understanding of what Redside Dace are eating throughout the year and if/how 
often they are consuming prey in the winter. Furthermore, establishing an understanding of how 
much body fat is needed and how it is stored to survive a winter starvation would be important 
research that can be applied to many fish species occupying similar habitats. Future research 
interested in physiological trade-offs can implement seasonal morphology dissections as our 
research indicates that even a once per season sampling regime is enough to detect significant 
changes in several organs. Among the seasonal morphometry literature on fish, few studies have 
looked at either juvenile compared adult differences or heart/gut size changes. We helped 
address these literature gaps and found interesting results while doing so. Future research on 
seasonal changes in fish morphometry should also incorporate these to gain a better overall 
understanding of the species they wish to examine, as we have done in Chapter 3. 
Conclusions 
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 The comprehensive goal of this thesis was to provide information that will be useful in 
the aid of Redside Dace conservation while testing hypotheses in the fields of sperm movement 
and seasonal morphometrics. Chapter 2 found no evidence that a temperature surge event would 
negatively impact Redside Dace sperm movement but did find an unexpected between day rapid 
difference in Redside Dace sperm movement. Chapter 3 found clear evidence for seasonal 
morphology changes in adult male, adult female, and juvenile Redside Dace, as well as age and 
sex-based differences. Overall, this thesis should be considered a useful resource for information 
on Redside Dace, conservation biology minded experiments on fish, fish sperm movement at 
different temperatures, and seasonal morphometric research.   
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APENDICES 
Appendix 1.1 Summary table of Kruskal Wallis (KW), pre-transformation analysis of variance 
(ANOVA), and post-transformation ANOVA statistics for comparison purposes. Datasets are 
listed with each variable. Juvenile, female, and male datasets correspond to Table 3.3. Full, and 
adult datasets correspond to Table 3.4. Transformation types are listed under KW p-value and 


















GSI (juvenile) 0.022 0.0041 0.26 0.0011 0.29 right 
GSI (juvenile) 
transformed 
0.13 Square root 
transformation 
0.0018 0.28 none 
GSI (female) 4.50x10-5 3.60x10-10 0.84 3.60x10-22 0.85 right 
GSI (female) 
transformed 
0.0018 Square root 
transformed 
4.00x10-24 0.88 right 
Heart (female) 0.0012 0.0016 0.28 0.0021 0.24 right 
Heart (female) 
transformed 
0.023 Square root 
transformed 
0.0017 0.25 right 
Carcass (female) 4.30x10-5 5.38x10-10 0.84 2.99x10-23 0.87 left 
Carcass (female) 
transformed 
1.3x10-4 Square transformation 1.24x10-23 0.88 left 
GSI (male) 0.0020 2.00x10-6 0.57 5.92x10-10 0.61 right 
GSI (male) 
transformed 
0.088 Square root 
transformed 
1.33x10-9 0.59 none 
Heart (male) 0.0041 0.0016 0.30 2.3x10-4 0.33 right 
Heart (male) 
transformed 
0.78 Square root 
transformed 
0.0089 0.21 none 
Carcass (male) 0.0036 1.30x10-5 0.49 6.40x10-8 0.52 left 
Carcass (male) 
transformation 
0.0050 Square transformation 6.33x10-8 0.52 left 
Red spot (male) 0.038 0.0015 0.12 0.0031 0.25 left 
Red spot (male) 
transformed 
0.39 Square transformation 0.0011 0.29 none 
GSI (full) 8.04x10-15 6.73x10-23 0.60 6.97x10-12 0.25 right 
GSI (full) 
transformed 
7.84x10-8 Square root 
transformed 
3.71x10-21 0.43 right 
HSI (full) 2.58x10-4 0.14 0.013 0.038 0.026 right 
HSI (full) 
transformed 
0.051 Square root 
transformed 
0.059 0.022 none 
Gut ratio (full)  8.70x10-5 0.011 0.040 0.0083 0.043 right 
Gut ratio (full) 
transformed 
0.033 Square root 
transformed 
0.0095 0.041 right 
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Heart ratio (full) 1.0x10-6 0.95 2.4x10-5 0.53 0.0025 right 
Heart ratio (full) 
transformed 
0.0071 Square root 
transformed 
0.65 0.0013 right 
Carcass ratio (full) 1.31x10-13 3.84x10-12 0.30 2.18x10-9 0.20 left 
Carcass ratio (full) 
transformed 
1.20x10-12 Square transformed 6.34x10-10 0.21 left 
GSI (adult) 4.16x10-10 5.39x10-17 0.64 1.20x10-19 0.47 right 
GSI (adult) 
transformed 
2.4x10-5 Square root 
transformed 
1.20x10-22 0.58 right 
Heart ratio (adult) 1.20x10-5 0.44 0.0041 0.26 0.012 right 
Heart ratio (adult) 
transformed 
0.0023 Square root 
transformed 
0.34 0.0086 right 
Carcass ratio 
(adult) 
1.91x10-9 9.60x10-18 0.68 8.12x10-18 0.50 left 
Carcass ratio 
(adult) transformed 
1.25x10-8 Square transformed 4.31x10-19 0.53 left 
Red spot ratio 
(adult) 
7.0x10-4 2.20x10-9 0.34 6.69x10-11 0.34 right 
Red spot ratio 
(adult) transformed 
1.8x10-4 Square root 
transformed 
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